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Background and purpose: Cell migration is one of the cornerstones of regeneration 
processes, as it is necessary for wound healing, and also required for embryonic development, 
immune system activation, or tumor metastasis formation. Skeletal muscle has a special, 
advanced dynamism that allows it to adapt to various impacts and recover successfully after 
an injury, exercise, or muscle disease. Satellite stem cells are activated by local damage 
during muscle regeneration, and after asymmetric division, myoblasts (i.e., activated satellite 
cells) migrate to the site of injury, differentiate, and fuse to form muscle fibers. Migration of 
the cells requires cellular polarization, the creation of leading and trailing edges, as well as the 
proper orientation and positioning of organelles inside the cell. Efficient migration also 
requires the presence of an asymmetrical front-to-rear calcium (Ca2+) gradient to regulate 
focal adhesion assembly and actomyosin contractility. The transmembrane proteoglycan 
syndecan-4 (SDC4), which is one of the cell surface markers of resting and activated satellite 
stem cells, is involved in the formation of focal adhesions. Furthermore, SDC4 plays a variety 
of roles in signal transduction processes, including controlling the function of the small 
GTPase Rac1 by binding to and inhibiting the activity of T-lymphoma invasion and 
metastasis-1 (Tiam1), a guanine nucleotide exchange factor for Rac1 (Ras-related C3 
botulinum toxin substrate 1) GTPase. Cell migration also requires Rac1-mediated actin 
remodeling. SDC4 knockout mice are unable to regenerate damaged muscle; however, its 
underlying precise mechanism is unclear; therefore, our aim was to analyze the role of SDC4 
in myoblast migration.  
Experimental approaches: To achieve SDC4 knockdown, C2C12 murine myoblast cells 
were transfected stably with plasmids expressing short hairpin RNAs (shRNAs) specific for 
mouse SDC4 (shSDC4#1 and shSDC4#2) or a scrambled target sequence. To study cell 
migration, time-lapse images were captured at 37 °C and 5% CO2 using a high-content 
imaging system for single-cell tracking or wound scratch assay was performed. To evaluate 
the movement of the single cells, the cell nuclei were tracked with ImageJ and CellTracker 
software. Super-resolution direct stochastic optical reconstruction microscopy (dSTORM) 
measurements were performed for the nanoscale analysis of the lamellipodial actin network of 
the migrating cells. To study the intracellular Ca2+ level, Fluo-4 and Fura Red indicators were 
applied. Immunofluorescence cytochemistry was performed to analyze the distribution of 
SDC4, Tiam1, centrosomes, FAK (focal adhesion kinase) or GM130 (anti- Golgi matrix 
protein of 130 kDa) followed by wide-field fluorescence or confocal microscopy. Image 
 
analysis was performed with ImageJ. Rac1 was inhibited by NSC23766 treatment during the 
measurements (50 µM). 
Key results: Silencing of SDC4 disrupts the correct polarization of migrating 
mammalian myoblasts. SDC4 knockdown completely abolished the intracellular Ca2+ 
gradient, abrogated centrosome reorientation, and thus decreased cell motility, demonstrating 
the role of SDC4 in cell polarity. Additionally, SDC4 exhibited a polarized distribution during 
migration. SDC4 knockdown cells exhibited decreases in the total movement distance during 
migration, maximum and vectorial distances from the starting point, as well as average and 
maximum cell speeds. Analysis of the dSTORM images of SDC4 knockdown cells revealed 
nanoscale changes in the actin cytoskeletal architecture, such as decreases in the numbers of 
branches and individual branch lengths in the lamellipodia of the migrating cells. The Rac1 
inhibitor NSC23766 did not restore the migration capacity of SDC4 silenced cells; in fact, it 
reduced it further. SDC4 knockdown decreased the directional persistence of migration, 
abrogated the polarized, asymmetric distribution of Tiam1, and reduced the total Tiam1 level 
of the cells.  
Conclusion: According to our results, SDC4 affects the migration of C2C12 myoblasts 
and modulates cell polarity by influencing centrosome positioning, intracellular Ca2+ and 
Tiam1 distribution. These findings may promote greater understanding the essential role of 
SDC4 in the embryonic development and postnatal regeneration of skeletal muscle. Given the 
ubiquitous expression and crucial role of SDC4 in cell migration, we conclude that our 





Skeletal muscle can adapt to different impacts with a unique, advanced dynamism, and it 
is able to regenerate successfully following an injury. It can also change in size due to aging, 
exercise, or different diseases (e.g., cancer cachexia, immobilization, muscular dystrophy). 
Stem cells of skeletal muscle, so-called satellite cells (SCs) - which are located between the 
muscle fiber and basal lamina - are responsible for the plasticity, maintenance and 
regeneration of skeletal muscle [1,2]. They are both mitotically and physiologically quiescent 
until they are activated by local injury. Thereafter myoblasts are formed, which proliferate 
and also migrate to the area of injury. Then they differentiate and form a multi-nucleated 
syncytium with common cytoplasm called myotube (fig. 1.). 
 
 
Figure 1. Structure and regeneration of skeletal muscle. The myofibre is the structural unit of the 
skeletal muscle, which is a synctitial reticulation of myocytes enwraped by the basal lamina or 
endomysium. Fused cells with myonuclei, mitochondria and myofibrils with contractile myofilaments are 
included in the myofibers. The mononuclear satellite cells (SCs) can be found between the plasma 
membrane of myofibrils and basal lamina. SCs activation in vivo is followed by an asymmetric division, 
with Pax7, MyoD, and Myf5 being expressed in differentiating cells and Pax7 in cells returning to 
quiescence in order to maintain a pool of progenitors [3,4]. The image is created by BioRender app. 
2 
 
1.1. Cell migration 
Cell migration is essential for establishing and maintaining the proper organization of 
multicellular organisms [5]. This migration is a fundamental process that is essential in a 
variety of physiological and pathological tasks such as regeneration, wound healing, 
angiogenesis, embryonic development, and immune cell responses, as well as tumor 
progression and metastasis formation.  
For the process of cell migration to occur, a rearrangement of the cytoskeleton and cell 
matrix adhesions is required. The cytoskeletal system consists of microtubules, intermediate 
filaments, and microfilaments. Microtubules are structures composed of α and ß tubulin 
subunits, they determine the shape of cells and are actively involved in directing the 
movement of cells. Intermediate filaments, which are smaller in diameter, provide mechanical 
stability to cells. The microfilaments or actin filaments are the smallest in diameter. The actin 
cytoskeleton is a dynamic structure, actively involved in cell movement. During migration, 
the front of the cell defines the direction of movement as a tail region forms, causing the 
morphology of the cells to change, forcing them to elongate as a result of actin-cytoskeleton 
and cell-matrix rearrangement. The shaped tail region is known as the trailing edge, while the 
front region as the leading edge (fig. 2.). 
The cell-matrix contact points, focal adhesions, are dynamic structures made up of over 
150 proteins. Cell migration requires the continuous assembly and disassembly of focal 
adhesions. New focal adhesions form at the front and disrupt at the tail, causing the cell to 
move [6]. 
Cells become polarized in the early stages of cell migration, and protrusions (i.e., sheet-
like lamellipodia and finger-like filopodia) develop on the cell's leading edge. Actin stress 
fibers form in migrating cells and play an important role in cell contractility, mechanical 
strength, and are also involved in cell adhesion and migration. The main components of these 
stress fibers are the actin microfilaments, myosin II (mechanochemical enzyme) and α-actinin 
(actin-binding protein). There are three main types of stress fibers in the migrating cell: 
ventral stress fibers, transverse arcs, and dorsal stress fibers. Ventral stress fibers are 
associated with focal adhesion at both ends and are located on the tail region of the cell [6]. 
Transverse arcs do not connect directly to focal adhesions and usually stream back from the 
anterior edge of the cell toward the center. The dorsal stress fibers are located on the front 
edge of the cell. They attach to focal adhesions on the ventral surface of the leading edge, and 
extend dorsally, towards the cell center to attach to transverse arcs. During cell migration, the 
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actin fibers are recycled by a retrograde actin flow process, creating a dynamically active 
cyclic system [7,8].  
The existence of asymmetry within a cell is referred to as cell polarity. To conduct 
specialized cell functions, cells must acquire specific types of polarity. This polarization of 
the cells, morphologically the formation of the front-rear edge, and the proper orientation of 
the cellular components, is one of the most remarkable conditions for cell movement during 
tissue development [6]. In the lamellipodium that develops in the direction of migration, actin 
accumulates, thus creating a front-rear asymmetry within the cell [9]. During polarization, the 
relative position of the nucleus and cell organelles (e.g., the Golgi network and the 
microtubule organizing center) is determining [10,11].  
 
Figure 2. Schematic representation of a polarized migrating cell. Contractile bundles of actin (stress 
fibers) in the cell body and at the cell edge are represented and a loose actin network throughout the cell. 
Arc-shaped bundles are sometimes observed that move inwards under the dorsal cell surface (Arc). At the 
cell front, in lamellipodia and filopodia, actin filaments are all polarized with their fast-polymerizing 
ends forwards (for pushing); in the body of the cytoskeleton, actin filaments form bipolar assemblies with 
myosin to form contractile arrays (for retracting). Image created by BioRender app. 
 
1.2. Cytoskeletal dynamics and migration 
Actin polymerization, retrograde actin network flow, and myosin II-based contractility 
are all essential in cell migration [12,13]. Cells move by repeating cycles of cell front 
protrusion and attachment, followed by rear decoupling and retraction. Coordinated 
polymerization of multiple actin filaments generates protrusive forces that drive plasma 
membrane protrusion to the cell's leading edge [14]. Contractile force is generated by myosin 
motors. Not only the active fibers, but also the cells' posterior ends, are pulled back by this 
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force. Muscle contraction is identical to this process [15,16]. Actin stress fibers boost cell-cell 
adhesion as well as cell-extracellular matrix adhesion. They are crucial for preserving and 
changing the cell's shape, as well as determining the mechanical properties of the cell surface. 
The “dendritic nucleation” process is a mechanism of actin turnover in lamellipodia that 
involves the Arp2/3 complex continuously nucleating new actin filaments alongside 
preexisting “primordial” filaments [17,18]. After that, the newly formed filaments elongate 
and push against plasma membrane. Their barbed end is "capped" after a brief period of 
elongation, thus elongation is terminated. Disassembly of the network occurs through a 
combination of debranching and severing of actin filaments, followed by depolymerization of 
filament fragments. Therefore, individual filaments in the network are created at a 
branchpoint. They grow at the barbed end, become capped, and later depolymerized [14]. 
Overall, it can be said that the array of branched filaments in lamellipodia undergoes 
treadmilling by assembling at the front and disassembling throughout its body. Cadherin 
complexes regulate actin dynamics mainly via α-catenin, which inhibits Arp2/3-mediated 
branching polymerization [19] and recruits the actin nucleator formin to adherens junctions. 
In addition to their role of providing junctional stability, β-catenin and p120-catenin can act as 
transcriptional regulators [20]. The key organizers of the actin cytoskeleton dynamics are the 
members of Rho family of small GTPases. 
1.3. The Rho GTPases 
The Rho family of small GTPases including Rac1 (Ras-related C3 botulinum toxin 
substrate 1), Cdc42 (Cell division control protein 42 homolog), and RhoA (Ras homolog 
family member A) are evolutionarily conserved regulators of numerous types of cell polarity 
and the actin cytoskeleton. Rho GTPases function as molecular switches alternating between 
inactive GDP-bound and active GTP-bound form, they are able to bind and activate 
downstream effector proteins, thereby exercise an influence on different signaling pathways 
[21]. The two-state cycle is regulated by three sets of proteins: the guanine nucleotide 
exchange factors (GEFs), the GTPase-activating proteins (GAPs), and the guanine 
dissociation inhibitors (GDIs). The GEFs catalyze the exchange of GDP for GTP. GAPs are 
able to increase intrinsic GTP hydrolysis and are responsible for switching between the active 
and inactive forms of Rho GTPases. Alternating between GDP- and GTP-bound states may 
involve cytosol-membrane translocation, as GDIs prevent Rho GTPases from membrane-
targeting and activation [22]. 
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The Rho GTPases have primary importance in the establishment and sustenance of the 
front-rear polarity in migrating cells [23].  Furthermore, they  play a role in cell division, cell 
morphogenesis, differentiation and understandably migration formation and maintenance 
[24]. Activated Rac1 is enriched along the leading edge, its activation increases actin 
polymerization. This process leads to the formation of lamellipodial membrane protrusions 
[25], while Rac1 activity decreases in the tail region of the cell [6,26]. RhoA activity is 
highest in the tail region and leads to the appearance of contractile actin bundles (stress 
fibers). RhoA activity also influences the development of mature focal adhesions [27]. 
Activation of Cdc42 leads to the appearance of the filopodia [25,27]. Both Rac1 and Cdc42 
are able to activate the Arp2/3 complex, leading to actin polymerization and the formation of 
a branched lamellipodial actin network. As cell movement progresses, focal adhesions 
reassemble behind the leading edge presumably reflecting the upregulation of Rho, thus 
providing attachment sites to anchor actin stress fibers and to support the contractile forces 
necessary for continued cell movement. Cdc42 and Rac1 regulate the polymerization of 
cortical actin via their interaction with members of the Wiskott-Aldrich Syndrome protein 
(WASp)/Scar1 superfamily [28]. Interaction of Cdc42/Rac1 with WASp/Scar proteins 
unmasks a C-terminal region which mediates binding of WASp/Scar to the Arp2/3 complex 
[29]. Arp2/3 complex binds to the sides of preexisting actin filaments and stimulates new 
filament formation to create branched actin networks [18]. Actin nucleation which is induced 
by Arp2/3 is enhanced by binding of WASp-family (acidic) carboxyl-terminal domains to the 
Arp2/3 complex [30] and such way acts as a molecular link for Cdc42 and Rac1 induction of 
cortical actin polymerization [29,31]. Rho GTPases play a role not only in the regulation of 
actin polymerization, but they also involved in actin depolymerization. Rac1 and RhoA also 
regulate cofilin activity thereby affecting actin depolymerization [32].  
 Tiam1 (T-lymphoma invasion and metastasis-1) has been identified as a GEF, acting 
as a specific activator of Rac1 [33], and it plays a key role in pivotal biological processes 
including cell migration [21] and cell polarization [33]. Tiam1 regulates actin polymerization 
and actin cytoskeleton rearrangement through its interaction with the Arp2/3 complex [34]. 
SDC4 affects Rac1 activation through PKCα and accumulates active Rac1 at the leading edge 
of the migrating cell, thus ensuring the formation of membrane extensions [35,36]. The Par 
(partitioning defective) polarity complex, comprising Par3, Par6 and atypical PKC (protein 
kinase C), plays a key role in the development and maintenance of cell polarity [21]. 
Furthermore, Tiam1, along with the Par polarity complex, stimulates persistent migration by 
stabilizing the anterior-posterior polarization of migrating cells [37]. Par3 interacts with 
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Tiam1, leading to localized Rac1 activation, creating a gradient of Rac1 and RhoA GTPases 
in migrating cells: the former is concentrated at the leading edge, and the latter is in the rear of 
the cell [38]. As Tiam1-mediated Rac1 signaling is required for establishing and maintaining 
cell polarity [39], impaired Tiam1 signaling inhibits the formation of front-rear polarization in 
migrating cells thereby inhibiting persistent migration.  
1.4. The role of Ca2+ in cell migration 
Intracellular Ca2+ plays a major role in cell migration [40-42]. Both Ca2+ influx from the 
extracellular space through different Ca2+ channels of plasma membrane [43] and Ca2+ release 
from intracellular stores (primarily the endoplasmic reticulum) contribute to cytosolic Ca2+ 
concentration [44]. Migrating cells create a front-to-back Ca2+ gradient that is an essential 
coordinator for the polarized distribution of molecules [40]. This increasing front–rear Ca2+ 
gradient is involved in the disassembly of focal adhesions and, consequently, the rear-end 
retraction and the movement of the cell. This essential front–rear polarity is maintained by 
restricting the spontaneous formation of lamellipodia at the trailing edges of migrating cells 
[45,46]. In addition to contractility, changes in intracellular Ca2+ affect the activity of 
calmodulin-dependent enzymes and actin-crosslinking proteins, thus playing a key role in the 
assembly of adhesions and multilevel junctions [47-49]. High levels of RhoA activity and 
subsequent actomyosin contractility define the rear of a migrating cell as well as an increased 
Ca2+ concentration and the activation of Ca2+-dependent proteases required to cleave focal 
adhesion proteins. It was suggested by Tsai et al. (2015) that the presence of crosstalk 
between Ca2+ signaling and Rho GTPases would coordinate the oscillations of these factors in 
the leading edges of migrating cells [45].  
1.5. General overview of syndecans 
Syndecans (SDCs) are type I transmembrane proteoglycans [50], four types are known in 
vertebrates. The expression of SDCs is cell-, tissue-, and development-specific. Syndecan-1 
(SDC1), also known as CD-138, occurs in endothelial, epithelial, smooth muscle and plasma 
cells. Syndecan-2 (SDC2), also known as fibroglycan, is expressed mainly in fibroblasts, 
mesenchymes, while syndecan-3 (SDC3) (N-syndecan) is expressed in neurons. Syndecan-4 
(SDC4, ryudocan), unlike other members of the family, is universally expressed and is present 
in virtually all cell types [51] in a development state specific manner; moreover, is a cell 
surface marker of resting and activated satellite cells [52]. The structure of SDCs consists of 
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three parts. N-terminal, which is a variable extracellular domain (ectodomain), the highly 
conserved transmembrane domain, and the C-terminal intracellular domain. 
Glycosaminoglycan (GAG) side chains are attached to the backbone protein extracellularly 
[50,53]. Due to their transmembrane structure, the most important task of the members of the 
SDC family is to maintain communication between the extracellular matrix and the cell.  
Near the N-terminal end of the ectodomain, heparan sulfate chains (GAG chains) are 
linked via a tetrasaccharide linker to one of the serine (Ser) residues in the ectodomain by an 
O-glycosidic bond [53]. Chondroitin sulfate side chains bind closer to the transmembrane 
region for SDC1 and SDC3 [54]. The extracellular domain has a plenty of interacting partners, 
such as matrix proteins, e.g. fibronectin, matrix metalloproteinases (MMPs), growth factors 
and cytokines; therefore, SDCs can function as both receptors and co-receptors. The 
ectodomain can also promote the adhesion and penetration of bacteria and viruses [55-58]. The 
ectodomain can be cleaved by proteolytic enzymes (secretases), e.g. members of ADAM 
(disintegrin and metalloproteinase) family and matrix metalloproteinases (MMPs), during the 
process of shedding. Shedding also plays a role in pathophysiological processes, including 
inflammation and tissue regeneration [56,59-61]. The transmembrane domain, on the other 
hand, is the most conserved part of the molecule and also shows a great deal of similarity 
within the family. It contains a GXXXG motif that strongly influences the formation of SDS 
(sodium dodecyl sulfate) resistant dimers. [62,63]. 
The cytoplasmic domain is short and comprised a variable (V) region that is unique to 
each SDC member but identical within a species. Respectively, it consists of the conservative 
region preceding (C1) and following (C2) the V region  [64,65]. The C1 region can bind to 
members of the FERM (four-point-one protein, ezrin, radixin, moezin) family, which are 
membrane- and actin-associated proteins, and bind Src kinase and cortactin [66]. The variable 
region of SDC4 also binds to PIP2 (phosphatidylinositol-4,5-bisphosphate), which activates 
PKC-alpha and is associated with alpha-actinin, through which actin binds to the cytoskeleton 
[67,68]. In the C2 region of the cytoplasmic domain of SDCs, the EFYA motif bind proteins 
containing the PDZ (postsynaptic density protein) domain [64]. The PDZ domain is a sub-
membrane complex of 80-90 amino acids that plays a role in signaling and is one of the most 
common structural domains. Examples of proteins containing such PDZ domains are 





1.6. Characterization of SDC4 
SDC4 along with other members of the family, is involved in signal transduction 
processes across the cell membrane. SDC4 is structurally very similar to other members of the 
family, however, a significant difference is that, unlike other SDCs, it is universally expressed 
and present in virtually all cell types. It plays a major role in cell proliferation, migration, cell 
adhesion, and is also involved in endocytosis and mechanotransduction [51,70-75]. Each of the 
molecules attached to the GAG chains of SDC4 has a heparin-binding domain, just like FGF2 
(fibroblast growth factor-2), VEGF (vascular endothelial growth factor), or PDGF (platelet-
derived growth factor) [76-80]. In addition, extracellular matrix components, proteases, 
protease inhibitors, and molecules with tyrosine kinase activity may be interacting partners. 
By directly binding fibronectin, it is involved in cell adhesion [81], thereby also influencing 
cell migration. 
Due to its indirect relationship with integrins, SDC4 plays an important role in focal 
adhesion. In the formation of focal adhesions, the heparin binding domain of fibronectin binds 
to the heparan sulfate side chains of SDC4 [82,83]. Fibronectin forms a bridge between SDC4 
and integrin (fig. 3.).  
SDC4 is involved in several signaling pathways and functions as a structural protein. The 
V region of SDC4 binds PKCα and regulates its activity [84,85]. SDC4 dimer forms a tetramer 
with 2 PIP2 (phosphatidylinositol 4,5-bisphosphate) molecules, which binds to the catalytic 
subunit of PKCα. The resulting activation complex is regulated by the phosphorylation status 
of SDC4 cytoplasmic Ser179 (human Ser179, rat Ser183) [86], which alters the conformation 
of the C2 region of the cytoplasmic domain, leading to loss of PIP2 binding and thus to a lack 
of PKCα activation [87,88]. PKCα is a Ca2+ -dependent conventional PKC isoform, but its 
activation through SDC4 makes it independent of changes in Ca2+ levels and thus active in the 
presence of EDTA (ethylenediaminetetraacetic acid) [89]. SDC4 also establishes contact with 
the cytoskeleton of actin, as its cytoplasmic domain binds to alpha-actinin, a cross-linking 





Figure 3. Structure and potential interacting partners of SDC4.  
Schematic representation of the SDC4 molecule showing the different domains and their possible 
interfering molecules, as well as the amino acid sequence of the cytoplasmic domain of the SDC4 - V 
variable region surrounded by the C1 and C2 constant regions. 
[90-92]. Image created by BioRender app. 
Tiam1 interacts with SDC4 to affect cell migration, cell matrix, and cell-cell adhesions 
through rearrangement of the actin cytoskeleton. Tiam1 regulates actin polymerization, the 
rearrangement of the actin cytoskeleton, through its interaction with the Arp2/3 complex [34]. 
SDC4 influences matrix-induced activation of Rac1 via PKCα and concentrates active Rac1 
and the formation of membrane protrusions on the leading side of the migrating cell [36,93]. 
The interaction between Tiam1 and SDCs has been studied previously. The affinity and 
strength of the interaction of different SDCs with the Tiam1 molecule are different [94,95], the 
direct interaction of SDC4 and Tiam1 has been previously demonstrated [96]. As a result of 
Tiam1 binding, SDC4 regulates Rac1 activity in a Ser179 phosphorylation-dependent manner 
[96].   
SDC4 may play a major role in the regulation of intracellular Ca2+ levels. SDC4 
regulate transient receptor potential canonical (TRPCs) channels too, to control cytosolic Ca2+ 
equilibria, thus consequent cell behavior. SDC4 can recruit cytoplasmic PKCα to target 
serine714 of TRPC7 increasing intracellular Ca2+ concentration with subsequent control of the 
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cytoskeleton in fibroblasts [97]. However, a direct interaction has not been reported between 
SDC4 and TRPC7 [91]. In contrast, in podocytes, SDC4 knockdown reduced the cell surface 
expression of the TRPC6 channel and reduced the Ca2+ concentration [98]. Furthermore, 
knocking down of SDC4 in HaCaT keratinocytes did not affect the Ca2+ concentration, 
whereas the silencing of both SDC1 and SDC4 decreased the intracellular Ca2+ by modulating 
TRPC4 channels [97].  
1.7. Results of experiments with SDC knockout mice 
Although heparan sulfate is an essential glycosaminoglycan for cellular life, SDC1 and 
SDC4-null mice are fertile and viable. In the absence of SDC1 and SDC4 proteoglycans, mice 
respond less favorably to postnatal and injury stress situations and have prolonged wound 
healing [80,99,100]. In the absence of SDC1, epithelial regeneration is slowed and the adhesion 
of white blood cells to the endothelium is altered. Both nutritional and learning anomalies 
have been detected in SDC3 gene knockout mice [101]. SDC4 has an essential role in the 
development and regeneration of skeletal muscle [102]. In SDC4 knockout mice, 
angiogenesis of granulation tissue is impaired [103,104] and skeletal muscle regeneration 
does not occur, with satellite cell activation and proliferation, decreased MyoD expression, 





2. GAPS IN CURRENT KNOWLEDGE: AIMS OF THE THESIS 
(i) SDC4 knockout mice suffer from impaired skeletal muscle regeneration. Although the 
essential role of SDC4 in the development and regeneration of skeletal muscle was already 
described, the exact mechanism of the phenomenon is unknown. The first aim of this thesis is 
to look into the function of SDC4 in the migration of myoblasts. 
 
(ii) The study of cell migration on a molecular level has exploded in popularity in recent 
years. The most important regulatory molecules were discovered, as well as the underlying 
mechanisms. However, many issues remain unresolved. Since SDC4 has not yet been related 
to changes in actin nanostructure, my next aim is to use the dSTORM technique to investigate 
the nanoscale changes in actin as a result of SDC4 knockdown. In addition, I investigate the 
effects of SDC4 silencing on focal adhesions of myoblasts throughout the thesis. 
 
(iii) The polarization of cells in form, molecule, and organelles is an important process 
during migration. The intracellular location of cell organelles along the front-rear axis is one 
indicator of cellular polarization. Centrosome position on the leading edge-nucleus-trailing 
edge axis is a well-quantified and long-used method for determining cell polarization. My 
next aim in this study is to determine the position of centrosomes in order to investigate the 
shift in cell polarization caused by SDC4 knockdown. I will also look at SDC4's intracellular 
distribution. 
 
(iv) Intracellular Ca2+ is essential for cell migration. Ca2+ influx from the extracellular 
space, as well as Ca2+ release from intracellular stores, both contribute to cytosolic Ca2+ 
concentration. Migrating cells generate a front-to-back Ca2+ gradient, which serves as a 
crucial coordinator for polarized signaling events. The purpose of this study is to look into the 
distribution of intracellular Ca2+ in migrating myoblasts following SDC4 knockdown. 
 
(v) It is well understood that in SDC4 knockout cells, the amount of delocalized, activated 
Rac1 increases over time. Furthermore, Tiam1 has been identified as a GEF that functions as a 
specific Rac1 activator and is involved in biological processes such as cell migration and 
polarization. My further goal was to study whether Rac1 inhibition ameliorates the effect of 




3. MATERIALS AND METHODS 
3.1.  Cell culture and plasmids 
C2C12 mouse myoblast (ATCC; Manassas, VA, USA) cultures were grown in medium 
containing 80% high-glucose Dulbecco’s modified Eagle’s medium (containing 4.5 g/L 
glucose 584 mg/L glutamine and 110 mg/L pyruvate; Corning, New York, NY, USA), 20% 
FBS (fetal bovine serum) (Gibco/Thermo Fisher Scientific, Waltham, MA, USA), and 65 
µg/mL gentamicin (Lonza, Basel, Switzerland). Cells were transfected stably using shRNA 
expressing plasmids (OriGene, TR513122; Rockville, MD, USA) and X-tremeGENE 
transfection reagent (Roche, Basel, Switzerland). 
Figure 4. pRS vector. The image is created by BioRender app. 
For SDC4 silencing, pRS shRNA vectors (fig. 4.) were applied targeting the following 
sequences: 5′-GAA CTG GAA GAG AAT GAG GTC ATT CCT AA-3′ (shSDC4#1) or 5′-
GCG GCG TGG TAG GCA TCC TCT TTG CCG TT-3′ (shSDC4#2). The scrambled 
plasmid targeted the 5′-GCA CTA CCA GAG CTA ACT CAG ATA GTA CT-3′ sequence. 
Selection of the transfected cells was carried out by adding 4 μg/mL puromycin (Sigma-
Aldrich, St. Louis, MO, USA) to the medium.  
3.2.  Western blotting 
Non-transfected, scrambled and SDC4 knockdown (shSDC4#1 and shSDC4#2) cells 
were harvested in RIPA buffer (20 mM Tris-HCl pH 7.5, 150 mM NaCl, 1 mM Na2EDTA, 1 
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mM EGTA, 1% NP-40, 1% sodium deoxycholate, 2.5 mM sodium pyrophosphate, 1 mM 
glycerophosphate, 1 mM Na3VO4, 1 μg × ml leupeptin; Cell Signaling Technology, Danvers, 
MA, USA; #9806) supplemented with 1 mM Sodium-fluoride and protease inhibitor cocktail 
(Sigma-Aldrich). The samples were spun down at 18,927 × g for 5 min at 4 °C to eliminate 
cellular debris and the supernatants were separated by SDS/PAGE and blotted to 
nitrocellulose membrane. After blocking, membranes were incubated with primary antibodies 
including rabbit anti-SDC4 (PA1-32485; Pierce Protein Biology - Thermo Fisher Scientific, 
Waltham, Massachusetts, USA) and mouse anti-GAPDH (Cell Signaling Technology, #2118, 
Danvers, Massachusetts, US). Following incubation with the appropriate horse-radish 
peroxidase-conjugated anti-IgG secondary antibodies (DAKO, Glostrup, Denmark), 
peroxidase activity was visualized by enhanced chemiluminescent method (Advansta, Menlo 
Park, CA, USA). Quantification of signal intensity was carried out by QUANTITY ONE 
software (Bio-Rad, Hercules, CA, USA). 
3.3.  Cell migration assays 
Two layouts were used to perform the experiments and to investigate the intracellular 
processes that occur during cell migration: random- and directional migration assays, both in 
two dimensions (fig. 6. A, B).  
For random migration, cells were plated (on 6-, 12- or 24-well plates), allowed to adhere 
to the surface, then the proliferating medium was replaced with a medium containing reduced 
serum to avoid cell division and proliferation. The optimal number of cells were 3 × 104 / well 
in a 6-well plate, 1.5 × 104 / well in a 12-well plate and 7.5 × 103 / well in a 24-well plate. 
A cell-free zone or wound presenting the lesion or injury can be formed on a confluent 
cell culture by scratching with a pipette tip (wound scratch assay; fig. 5. A). In the case of 
directional migration, a larger number of cells is recommended for plating (1,8 × 105 cells / 
well on a 6-well plate for wound scratch assay), since then confluent cell culture must be 
occupied to represent in vivo environment of wound healing. Once the cells have adhered to 
the surface, a medium with reduced serum content is used, followed by scratching the culture 
with a pipette tip to create a cell-free zone (so called “wound”). Studies can examine the 
“healing” of this “wound”. Cells at the edge of the cell-free zone are more prone to migration, 
while cells inside the confluent cell culture are less motile due to the physical barrier of the 
cells in front of them. Cells in both the first, second and subsequent rows can be examined for 




Figure 5. Representative images of migrating cell during different migration assays. Cell migration 
during wound scratch assay (A) and random migrating cells (B). 
A two-dimensional directional migration assay can also be performed with silicone 
inserts (ibidi GmbH, Gräfelfing, Germany), which were also used in this work to provide a 
defined, regular-edged cell-free area during use, as the two sides of the inserts are separated 
by a partition wall to provide the cell-free area (fig. 5. B). The inserts were placed in the wells 
of 6-well cell culture dishes, and 3 × 104 cells in both wells of the inserts were plated. After 1 
h of incubation in proliferation medium, the medium was replaced with serum-reduced one to 
eliminate cell division. Cells were kept in this serum-reduced medium for 24 h, followed by 
removal of the insert and examination of migration. 
 
Figure 6. Schematic illustration of the implementation of in vitro wound healing assay (scratch 
assay) (A) and ibidi silicon inserts (B). 
3.4.  Time-lapse imaging of the migration of live cells 
For random migration assays, cells were seeded in 24-well plates at a density of 7.5 × 103 
cells/well. After 60 minutes, the medium was changed to a serum-reduced one to suppress cell 
15 
 
division and 24 h later the nuclei were stained with Hoechst33342 (1:2000, 1 mg/mL stock 
solution; Sigma-Aldrich) and Rac1 was inhibited by NSC23766 treatment during the 
measurement (50 µM; Tocris Bioscience, Bristol, United Kingdom). 
In the case of two-dimensional directional migration, cells were seeded into the 
reservoirs of 2-well cell culture silicon inserts at a density of 3 × 104 cells/well (Ibidi, 
Martinsried, Germany). Upon cellular attachment, the medium was replaced with serum-
reduced medium, and nuclei were stained as described above and after washing with PBS, the 
insert was removed and the migration of cells into the cell-free zone was screened.  
Time-lapse images were captured in 20 min intervals for 8 h in directional-, and for 18 h 
in random migration assay at 37°C and 5% CO2 using the PerkinElmer Operetta 
(PerkinElmer, Inc., Waltham, MA, United States) high-content imaging system with a 20 × 
objective (20 × long WD; NA = 0.45, working distance: 7.8 mm; field of view: 675 × 509; 
depth of focus: 4.6 μm; optical xy resolution: 0.7 μm).  
3.5.  Single-cell tracking of cultured myoblasts 
To evaluate the results obtained during time-lapse microscopy, the cell nuclei were 
tracked frame-by-frame with ImageJ (National Institutes of Health, Bethesda, MD, United 
States) and CellTracker [105] software. CellTracker is an online, accessible freeware based on 
MATLAB with high efficiency to evaluate cell migration 
(http://www.celltracker.website/index.html). Dying or damaged and possibly dividing cells 
were excluded from the evaluation process.  
In both the directional and random migration assays, the length of total path, maximum 
distance from the origin, as well as the average and maximum cell speeds were calculated. 
The vectorial distance of migration (i.e., real shift of the cell) from the origin was also 
quantified. The individual migratory tracks of the cells into the cell free zone was visualized. 
To illustrate the migratory trajectories of randomly migrating cells, two-dimensional wind-
rose plots were created using Excel DiPer Plot_At_Origin macro [106] by transposing the  x 
and y coordinates of the cell tracking data to a common origin.  
The directionality of the cell movement was described by the persistence index, which 
was defined by the ratio of the vectorial distance (the distance between the origin and the 
endpoint of the movement) and the length of total path. 
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3.6.  Wound scratch assay 
For the wound scratch assay, cells were grown in 6-well plates until they reached 
confluence. After 24 h incubation in serum-reduced medium, cell-free zones were created by 
scratching the cell layer with a P200 pipette tip. Images of the cell-free zone were captured 
immediately (0h), 4 and 8 h after wounding, using a Leica DMi1 phase-contrast microscope 
(Leica Microsystems, Wetzlar, Germany). Between imaging periods, the cells were incubated 
at 37 °C and 5% CO2. The area of the cell-free zone was measured using Digimizer image 
analysis software (MedCalc Software bvba, Ostend, Belgium). The closure of the cell-free 
area was calculated as follows: (area of cell-free zone at t0h − area of cell-free zone at txh) / 
area of cell-free zone at t0h.  
3.7.  Fluorescence staining 
For fluorescence staining, after one h of incubation, cells were seeded for 24 h onto FBS 
(Gibco/Thermo Fisher Scientific, Waltham, MA, USA) coated glass coverslips (Hirschmann 
Laborgeräte GmbH & Co. KG, Eberstadt, Germany).  
For Tiam1 staining, cells were fixed with 4% paraformaldehyde (Molar Chemicals Kft., 
Halásztelek, Hungary) for 10 min, permeabilized with 0.3% Tween 20 (Sigma-Aldrich, Inc., 
St. Louis, Missouri, USA), and blocked with 1% bovine serum albumin (Sigma-Aldrich) in 
PBS at room temperature. Rabbit polyclonal anti-Tiam1 primary antibody (OST00085W; 
Invitrogen, Carlsbad, CA, USA) was visualized with the appropriate Alexa488-conjugated 
secondary antibody (Invitrogen). Wide-field fluorescence images were obtained on a Nikon 
Eclipse Ti-E microscope (Nikon Instruments Inc., 1300 Walt Whitman Road Melville, NY 
11747-3064, USA) with 40 × objectives. 
For centrosome staining, cells were fixed with methanol 2, 4, and 6 h after wounding the 
confluent culture. After permeabilization with 0.5% Tween-20 (Sigma-Aldrich), the samples 
were blocked in 4% bovine serum albumin (BSA; Sigma-Aldrich), and stained with a mouse 
monoclonal anti-γ-tubulin antibody (1:200; Sigma-Aldrich) at 4°C overnight, followed by 
incubation with an Alexa Fluor 488-conjugated anti-mouse secondary antibody (Jackson 
ImmunoResearch, Cambridgeshire, United Kingdom) a day later. 
To visualize the actin filaments, cells subjected to the above-described scratch assay 
were fixed with a methanol-free 4% formaldehyde solution (Thermo Fischer Scientific) 2 h 
after wounding. After permeabilization with 0.3% Triton X-100 (Sigma-Aldrich) and 
blocking in 4% BSA (Sigma-Aldrich), the actin filaments were stained with Alexa Fluor 647-
conjugated phalloidin (A22287, Thermo Fisher Scientific). 
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For SDC4, anti-FAK (anti-focal adhesion kinase) and anti-GM130 (anti- Golgi matrix 
protein of 130 kDa) immunostaining, myoblasts were fixed with 4% formaldehyde solution 2 
h after wounding, permeabilized with 0.3% Triton X-100 and blocked with 1% BSA. Rabbit 
polyclonal anti-SDC4 primary antibody (immunogen: synthetic peptide surrounding amino 
acid 184 of human SDC4; PA1-32485; Invitrogen, Carlsbad, CA, United States) was 
visualized with the appropriate Alexa Fluor 568-conjugated (Invitrogen), or Alexa Fluor 488-
conjugated secondary antibody (Jackson ImmunoResearch, Cambridgeshire, United 
Kingdom). Focal adhesions were marked with mouse monoclonal anti-FAK primary antibody 
(sc-271126; Santa Cruz Biotechnology, Dallas, TX, United States) and with Alexa Fluor 488-
conjugated secondary antibody (Jackson ImmunoResearch, Cambridgeshire, United 
Kingdom). The cis-Golgi network was stained by mouse monoclonal anti-GM130 antibody 
(610822; BD Biosciences, San Jose, CA, United States) and followed by incubation with 
CF568-conjugated secondary antibody (Biotinum, Fremont, CA, United States). Nuclei were 
counterstained with Hoechst 33258 (0.01 mg/mL, Sigma-Aldrich). 
3.8.  Evaluation of the Tiam1 distribution 
The wide-field fluorescence images were recolored as heat maps using ImageJ (National 
Institutes of Health, Bethesda, MD, USA, https://imagej.nih.gov/ij/) image analysis program 
(Image>Lookup Tables). Each pixel was colored based on the pixel intensity value (16-bit 
images; 0-65535 gray value) according to the scale bar shown in the images (the lowest 
intensity pixels are shown as blue; the highest intensity pixels are shown as red). The contours 
of the individual cells were drawn (Analyze>Analyze particles) and the average pixel 
intensity within the border of the cells were quantified (Analyze>Measure) in the different 
cell lines. The intensity value of each pixel was measured within the selected area and the sum 
of the intensities was divided by the area of the cell to obtain the average Tiam1 intensity 
value of the individual cells. To measure the amount of variation in the pixel intensities, the 
standard deviation of the intensity values was also calculated in every cell 
(Analyze>Measure). 
3.9.  Determining and quantifying the position of centrosomes 
The positions of centrosomes were analyzed to quantify cell polarity, based on a previous 
characterization of centrosome reorientation in response to a scratch [107]. Anti-γ-tubulin-
stained samples were inspected and imaged using a Nikon Eclipse Ti-E microscope frame 
(Nikon Instruments Inc., Melville, NY, United States) with epifluorescent illumination using 
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20 × objective (Nikon Plan fluor 20 × DIC N2, NA = 0.50). The images were analyzed using 
ImageJ software. Two h after wounding, only the migrating cells next to the scratched area 
were analyzed. For selected cells adjacent to the cell-free zone, the direction of migration was 
designated as perpendicular to the wound edge, the nucleus was set as the origin and a 
30°circular sector facing the direction of wound closure was assigned. Centrosomes situated 
within this assigned area were scored as correctly oriented. To monitor the time dependency 
of centrosome reorientation in different cell lines, the position of centrosomes was analyzed 2, 
4 and 6 h after wounding in the 1st and 2nd row of myoblasts in the different cell lines along 
the wound edge based on the method described by Gotlieb et al. (1983). The position of 
centrosomes was considered “toward” the wound edge (between the nucleus and the wound 
edge), “middle” (along the side the nucleus), or “away” (between the nucleus the monolayer 
behind the cells). 
3.10.  Evaluation of SDC4 immunostaining 
Wide-field fluorescence images of SDC4 immunostained samples were acquired by a 
Nikon Eclipse Ti-E microscope (Nikon Instruments Inc.) with 40 × (Nikon CFI Plan Fluor 40 
×, NA = 0.75) and 100 × (Nikon CFI Plan Apo DM Lambda 100 × Oil, NA = 1.45) objectives 
and pseudo-colored using ImageJ. The contours of the individual cells were drawn and the 
average pixel intensity within the border of the cells were quantified following background 
correction. The intensity value of each pixel was measured within the selected area and the 
sum of the intensities was divided by the area of the cell to obtain the average SDC4 intensity 
value of the individual cells. Furthermore, cells were partitioned into 4 quadrants considering 
the nucleus as the origin, a 90°circular sector facing the direction of the wound closure was 
assigned and the SDC4 signal intensity within this area was quantified. 
3.11.  Quantification of focal adhesions 
Wide-field fluorescence images of FAK immunostained samples were acquired by a 
Nikon Eclipse Ti-E microscope (Nikon Instruments Inc.) with a 100 × (Nikon CFI Plan Apo 
DM Lambda 100 × Oil, NA = 1.45) objective and processed using ImageJ software. The 
images were converted into binary images, particles in the range of 0 to 100 µm2 were 




3.12.  Super-resolution dSTORM imaging  
Super-resolution direct stochastic optical reconstruction microscopy (dSTORM) 
measurements of phalloidin-stained samples were performed using a custom-made inverted 
microscope based on a Nikon Eclipse Ti-E frame. After conditioning (through spatial filtering 
via fiber coupling and beam expansion), the applied laser beams were focused into the back 
focal plane of the microscope objective (Nikon CFI Apo 100 ×, NA = 1.49) to produce a 
collimated beam on the sample. The angle of illumination was then set through a tilting mirror 
mounted into a motorized gimbal holder and placed into the conjugate plane of the sample. 
All dSTORM images were captured under epi-illumination at an excitation wavelength of 634 
nm (Thorlabs HL63133DG: 637 nm, Pmax = 170 mW in a Thorlabs TCLDM9 TE-Cooled 
mount set to 19°C). The laser intensity was controlled via a Thorlabs LDC500 laser driver and 
set to an output of 2–4 kW/cm2 on the sample plane. An additional laser (Nichia: 405 nm, 
Pmax = 60 mW) was used for reactivation. Images were captured using an Andor iXon3 897 
BV EMCCD digital camera (512 pixels × 512 pixels; pixel size: 16 μm). The size of the 
illuminated sample region was matched to the size of the detector, which determined the field 
of view (80 × 80 μm2). Typically, the frame stacks for dSTORM super-resolution images 
were captured at a reduced image size (i.e., crop mode). A fluorescence filter set (Semrock, 
LF405/488/561/635-A-000 dichroic mirror with a BLP01-647R-25 emission filter) was used 
to select and separate the excitation and emission lights in the microscope. During 
measurements, the perfect focus system of the microscope was used to maintain focus on the 
sample at a precision level of < 30 nm. Immediately before measurement, the sample storage 
buffer was replaced with a GLOX switching buffer [108] and the sample was mounted on a 
microscope slide. During a typical imaging session, 20,000 frames were captured at an 
exposure time of 20 or 30 ms. The image stacks were analyzed using rainSTORM localization 
software [109] and reconstructed using the built-in Simple Histogram method with a super-
pixel size of 13.33 nm. The Thompson-precision [110] and PSF size acceptance ranges were 
set to 0–35 nm and 0.7–1.5 pixels, respectively. 
3.13.  Evaluation of dSTORM images 
After dSTORM imaging, phalloidin-stained samples were subjected to a nanoscale 
analysis of the actin cytoskeleton. The dSTORM images of lamellipodial actin structures were 
processed using ImageJ software. The super-resolution images were converted to grayscale, 
adjusted to a fixed threshold and noise filtered. The ImageJ Skeletonize function was used to 
create binary skeletonized images. Then the Skeleton Analysis plugin was used to calculate 
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the number of branches belonging to each skeleton in every image and to measure the length 
of each individual branch. To describe the difference between the cortical actin-rich region 
and the inner actin-depleted area of the lamellipodial actin network, three areas (each 126 × 
124 px) were randomly selected in the external region (with a width of 350 px beneath the 
plasma membrane) and three in the inner, internal region of the lamellipodia. Then the 
average number of branches and average length of the individual branches were measured in 
each of these selected rectangles and compared. 
3.14.  Assessment of intracellular Ca2+ distribution 
As control, scrambled and two SDC4-targeted myoblast cell lines were seeded onto glass 
8-well chambered coverslips (ibidi GmbH, Gräfelfing, Germany) at 1 × 104 cells/well density 
and grown for 24 h in serum-reduced medium. The confluent cultures were scratched as 
described above and further incubated for 2 h. Subsequently, the cells were subjected to 2 μM 
Fluo-4 AM and 3 μM Fura Red AM (Thermo Fisher Scientific) in serum-free D-MEM 
containing 50 μM Verapamil (Sigma) for 30 min at 37°C and 5% CO2. Verapamil was 
included to block the activity of multidrug transporters hindering effective dye loading. After 
several thorough washing steps, the green (493–572 nm) and far red (609–797 nm) 
fluorescence images were simultaneously acquired at 488 and 458 nm excitations, 
respectively, using a Zeiss 710 LSM laser scanning fluorescence confocal microscope with a 
Plan-Apochromat 40 × (N.A. = 1.4) oil immersion objective. The images were analyzed by 
ImageJ 1.49g software (National Institutes of Health, Bethesda, MD, United States). Ratio 
images were generated using the Ratio Plus Plug-in. For quantitative analysis, the Fluo-4 and 
Fura Red fluorescence intensities were determined along the axis of migrating cells starting 
from the leading edge. After background correction, ratios of green and red fluorescence were 
calculated. The slope of the intracellular Ca2+ distribution was determined by least squares 
method. 
3.15.  Statistical analysis 
Differences between groups were analyzed using a one-way ANOVA, followed by the 
Dunett and Scheffe post hoc test or Student’s t-test. GraphPad Prism 7.0 (GraphPad Software 
Inc., San Diego, CA, United States) was used for graphing and statistical analyses. The data 





4.1. SDC4 silencing reduces myoblast migration  
SDC4 expression was monitored in C2C12 myoblasts stably transfected with plasmids 
expressing SDC4-specific shRNA (shSDC4#1 and SDC4#2 cell lines) by Western blotting. I 
observed a more significant decrease in SDC4 expression in shSDC4#1 than shSDC4#2 cells. 
A scrambled sequence was applied as a control and had no effect on SDC4 expression (fig. 7. 
A, B.).  
 
Figure 7. Effect of SDC4 silencing on C2C12 myoblasts. (A) Representative Western blot analysis 
depicts the level of SDC4 in cells stably expressing shRNA against SDC4 (shSDC4#1, shSDC4#2), or 
scrambled shRNA. Equal protein loading was monitored by GAPDH. (B) Quantification of SDC4 
expression in the different cell lines. n = 6 independent experiments, means + standard errors of the 
means; **: p<0.01; *: p<0.05. 
Cell migration normally relies on a variety of external signals, such as chemical, 
mechanical, or electrical, which instruct cells in which direction to move. The question of 
whether in vitro directional and random migration experiments are indeed compatible with in 
vivo processes, in vivo wound healing and in vivo cell migration has been investigated many 
times [111-116]. The intracellular processes that take place during in vitro cell migration can 
be considered valid and the basis of the processes that take place in the in vivo environment 
[117-120]. 
We then measured the effect of SDC4 knockdown on directional migration in vitro into 
cell-free zones created using cell culture inserts for an 8 h period. SDC4 knockdown 
significantly reduced the total path of migration, both the vectorial distance (i.e., the real shift 
of the cells) and the maximum distance from the origin; furthermore, the average and 
maximum speed were also decreased. No significant difference was observed between the 
non-transfected and scrambled cells. Moreover, a greater reduction was observed in migratory 
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parameters in shSDC4#1 cells, consistent with the previous observation of greater SDC4 
suppression in this line.  
An evaluation of the migratory tracks of individual cells depicts the positions of the x 
and y coordinates corresponding to the paths taken by each cell during the indicated time  
(as z; fig. 8. B). The migratory tracks of highly motile control cells crossed each other in the 
middle of the cell-free zone (black area in the center of each image), whereas those of SDC4 
knockdown cells hardly moved from the original x-y positions during the 8 h experimental 
period. We then prepared histograms to depict the percentages of cells within each velocity 
range (fig. 8. C). Notably, the histograms of the non-transfected and scrambled cells formed 
bell-shaped curves, whereas those of both silenced cell lines exhibited a left-skewed 
distribution suggesting the higher ratio of less motile cells. 
 
Figure 8. The role of SDC4 in the directional migration of myoblasts. (A) Migration into the cell-free 
zone of non-transfected, scrambled and SDC4-silenced (shSDC4#1 and shSDC4#2) C2C12 myoblasts 
was evaluated after the removal of cell culture inserts. The total length of movement, maximum distance 
from the starting point, vectorial distance ((i.e., real displacement of the cells), the average and maximum 
cell speeds during directional migration are presented. The total duration of live cell microscopy was 8 h, 
at a frame rate of 3/1 h. Four independent experiments, 60–87 cells/cell line and 5–6 fields of 
view/experiment. Data are presented as means + standard errors of the means; *p < 0.05, **p < 0.01, 
***p < 0.001 and ****p < 0.0001. (B) Representative three-dimensional migration tracks. Each color 
represents the complete path taken by a myoblast; x and y axes: position of the cell (μm), z-axis: time (h) . 
(C) Histograms depict the distributions of cells from different lines according to cell speed cells (intervals 
of 0.05 μm/min). The frequencies of cells from each line with average speeds within each interval were 




Representative images (fig. 9. A) depict a scratch wound in a confluent culture at 0, 4 
and 8 h. Quantification of the wound closures revealed a reduced closure of the cell-free zone 
in both SDC4 knockdown lines (fig. 9. B). No significant difference was observed between 
non-transfected and scrambled cells (fig. 9. B). 
 
Figure 9. SDC4 knockdown delays the closure of the cell-free zone. Representative microscopy images 
taken 0, 4 and 8 h after the initiation of a wound scratch assay. Dashed lines indicate the position of the 
cell-free zone at 0 h. Scale bar: 200 μm (A). Quantification of the closure of the cell-free area in cultures 
of non-transfected, scrambled and SDC4-silenced (shSDC4#1 and shSDC4#2) cells (B); n = 4 
independent experiments. Data are shown as means + standard errors of the means; ****p < 0.0001. 
4.2. SDC4 affects the nanoscale architecture of the actin cytoskeleton, as 
determined by super-resolution dSTORM 
Cell motility is regulated by both extracellular factors and internal signaling mechanisms, 
including actin cytoskeletal remodeling. As SDC4 plays a crucial role in the organization of 
the actin cytoskeleton [73,121,122], thus actin filaments were evaluated using wide-field 
fluorescence microscopy (fig. 12. A, B, D, E, G, H, J, K) and single-molecule localization 
super-resolution dSTORM imaging (lower magnification: fig. 12. A, D, G, J; higher 
magnification: fig. 12. C, F, I, L). Notably, our super-resolution dSTORM images reveal the 
sub-diffraction structure of the actin cytoskeleton and enable a more sophisticated 
experimental comparison of control and SDC4 knockdown samples. The reduced 
fluorescence background and enhanced resolution enabled visualization of the orientations 
and densities of individual actin bundles. 
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Figure 10. Actin cytoskeletal structure of non-transfected and scrambled C2C12 myoblasts around the 
cell-free zone.  A representative wide-field fluorescence microscopy image depicts the actin skeletons of non-
transfected and scrambled myoblasts around the cell-free zone. The inserts depict the lamellipodial actin 
structures in the migrating cells, which were imaged using dSTORM. The cells were fixed 2 h after confluent 
cultures were scratched, and the actin filaments were stained with Alexa Fluor 647-conjugated phalloidin 




Figure 11. Actin cytoskeletal structure of shSDC4#1and shSDC4#2 myoblasts around the cell-free 
zone.  A representative wide-field fluorescence microscopy image depicts the actin skeletons 
shSDC4#1and shSDC4#2  myoblasts around the cell-free zone. The inserts depict the lamellipodial actin 
structures in the migrating cells, which were imaged using dSTORM. The cells were fixed 2 h after 
confluent cultures were scratched, and the actin filaments were stained with Alexa Fluor 647-conjugated 






Figure 12. Direct stochastic optical reconstruction microscopy (dSTORM) analysis of the actin 
cytoskeleton after SDC4-silencing.  Representative wide-field fluorescence and super-resolution 
dSTORM images show the actin skeletons of the cells adjacent to the cell-free zone in cultures of non-
transfected (A–C), scrambled (D–F), shSDC4#1 (G–I) and shSDC4#2 (J–L) cell lines. Confluent 
monolayers were scratched, the cells were fixed 2 h later and actin filaments were stained with Alexa 
Fluor 647-conjugated phalloidin (red). Wide-field fluorescence images were obtained around the cell-
free zone (A,D,G,J; higher magnification: B,E,H,K). The insets of the wide-field fluorescence images 
depict dSTORM images of the lamellipodial regions of migrating cells adjacent to the cell-free zone 
(A,B,D,E,G,H,J,K). Representative dSTORM images of lamellipodial actin structures are embedded in the 
original low-magnification images (A, D, G, J; bar: 1 μm) or are shown in separate higher magnification 






Figure 13. Skeletal analysis of dSTORM images of the lamellipodial actin network. The phalloidin-
stained lamellipodial actin cytoskeletons of the different cell lines were analyzed. Representative binary 
images converted from dSTORM images of the actin cytoskeleton are shown (A). Within the actin 
network, branching points divide the skeletons smaller branches (B). The number of branches in the 
skeletons and the lengths of individual branches in the lamellipodial actin network in the whole binary 
images were quantified (C). To measure the differences between the external and the internal region of 
the lamellipodial actin network, the average number and length of branches were compared in randomly 
selected areas (three areas in both external and internal regions, each 126 × 124 pixels in size) of the 
binary images (D). Binary images of 6 cells/cell line were studied. Numbers of analyzed skeletons: 5,560–
8,450/cell line; numbers of analyzed branches: 26,723–32,813/cell line. Number of analyzed skeletons in 
a single 126 × 124 pixels area: 2–69, number of analyzed branches in a single 126 × 124 pixels area: 
32–336. Data are shown as means + standard errors of the means; *p < 0.05, **p < 0.01, ***p < 0.001 
and ****p < 0.0001. 
The cells in the first row, next to the scratched areas were analyzed after actin filament 
labeling of the samples. For every cell line, panoramic maps of individual wide-field 
fluorescence images were generated (fig. 10–11.) to cover the whole area of the scratch 
wound (fig. 10-11.), and the lamellipodia of the migrating cells next to the wound were 
studied by dSTORM. Representative panoramic maps (in fig. 10-11.) and areas (fig. 12. A, D, 
G, J) of the panoramic maps are shown.  
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SDC4 silencing altered the organization of the actin cytoskeleton by hindering the 
development of actin structures (fig. 12. G–L). The non-transfected and scrambled cells 
exhibited well-developed actin filaments (fig. 12. A–F), whereas this filamentous actin 
cytoskeletal structure was less pronounced and the lamellipodial actin network was less 
organized in SDC4 knockdown cells (fig. 12. G–L).  
Next, dSTORM images of the actin cytoskeleton were converted to binary images (fig. 
13. A) and analyzed further to quantify nanoscale changes in the actin network (fig. 13. B).  
The analysis of binary images of the lamellipodial actin filaments (fig. 13. A) revealed 
decreases in both the number of branches and the lengths of individual branches in the 
lamellipodial actin networks of SDC4 knockdown cells (fig. 13. C). 
Both dSTORM and binary images suggested the presence of an actin-depleted inner 
region some micrometers away from the leading edge in SDC4 knockdown cell lines. Next, 
the nanoscale changes of the cortical (external) and the inner area of the lamellipodial actin 
network in the cells of cell lines were evaluated (fig. 13. D). Both the average number of 
branches (in each skeleton) and the lengths of individual branches were reduced in the inner 
region as compared to the external region of the lamellipodia in SDC4 knock-down cells. The 
results suggest that the lamellipodial actin structure in SDC4-silenced cells is inhomogeneous 
(i.e., actin-rich external region and actin-depleted inner area). 
4.3.  Effect of SDC4 knockdown on focal adhesions 
Focal adhesions are dynamic structures that undergo cycles of assembly and 
disassembly; indeed, focal adhesion turnover is essential during cell migration. SDC4 plays a 
central role in the formation of focal adhesions organized around α5β1 integrin receptors 
[123].  
To prove the migratory phenotype of the cells next to the cell-free zone, the focal 
adhesions were stained by anti-FAK antibody in all of the cell lines and FAK-stained focal 
adhesions were observed at the end of the stress fibers (fig. 14. A). Interestingly, both the size 





Figure 14.  Distribution of focal adhesions in control and SDC4-silenced myoblasts. Representative 
100× wide-field fluorescence images depict the actin cytoskeleton (Alexa Fluor 647-conjugated 
phalloidin: red) and focal adhesion distribution (anti-FAK antibody: green) of the migrating cells in 
different cell lines 2 h after wounding. Nuclei are stained by Hoechst 33258 (blue). To quantify focal 
adhesions, the focal adhesions were assigned in FAK stained fluorescence images. The area and the 
number of the focal adhesions were quantified 2 and 4 h after wounding the monolayer (B, C). Data are 
reported as means + standard errors of the means, n = 10 cells / cell line, 4 independent experiments 
were analyzed; *: p <0.05; **: p <0.01. 
30 
 
4.4.  SDC4 affects centrosome positioning and cell polarity 
For efficient cell migration the proper polarization of the cell [124], adequate positioning 
of the cellular compartments [125] and dynamic reconstruction of the actin cytoskeleton [126-
128] are required. As SDC4 silencing was shown to reduce myoblast migration, we next 
studied the polarization of SDC4 knockdown cells using centrosome localization, an indicator 
of cell polarity in migrating cells [107,129]. Specifically, the exact positions of the 
centrosomes were observed on immunostained samples obtained 2, 4 and 6 h after a wound 
scratch assay (Table 1., fig. 15.). Fluorescence images were captured after centrosome (anti-γ-
tubulin) staining and used to generate panoramic maps of the entire scratched area. 
Figure 15.  Representative wide-field fluorescence images of the studied cell lines depict the 
positions of centrosomes 2 h after scratching. Anti-γ-tubulin-labeled centrosomes and Hoechst 33258-
stained nuclei are shown in green and blue, respectively. Arrows indicate the centrosomes. 
To observe the polarization of the cells, we initially monitored the cells in the first row of 
the confluent monolayer located at the border of the cell-free zone (fig. 15). Two h after 
wounding, cells adjacent to the cell-free area were investigated using the nuclei as the points 
of reference (i.e., origins). The areas around the nuclei were divided into 30° sectors, and 
centrosomes located in the 30°circular sector facing toward the cell-free area were considered 
properly oriented (fig. 16. A). Figure 16. B depicts the numbers of centrosomes in the various 
sectors from experiments involving the different cell lines. Notably, SDC4 knockdown was 
associated with significantly fewer centrosomes in the 30° circular sector facing toward the 
cell-free zone, indicating an improper reorientation of the centrosomes in these cells (fig. 16. 
B, C). In contrast, nearly all centrosomes of the scrambled and non-transfected cells were 
localized to this 30° circular sector facing toward the cell-free area, indicating precise and 
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proper regulation of centrosome positioning in these controls (fig. 16. B, C). There was no 
significant difference between the non-transfected and scrambled cells (fig. 16. C).  
 
Figure 16.  SDC4 affects centrosome positioning during migration. (A) Schematic representation of a 
polarized migratory cell. To quantify the positions of centrosomes, the nucleus was set as the origin, and 
centrosomes located in the 30°circular sector facing toward the direction of wound closure were 
considered properly located. (B) Pie charts (i.e., polar histograms) show the localization of centrosomes 
in different cell lines. The plane was partitioned into 30° circular sectors with the nucleus as the origin. 
The radius of each circular sector represents the number of cells with centrosomes located in that 30° 
sector. N = 3 independent experiments. Thirty cells were analyzed per cell line. (C) Quantification of the 
results shown in (B). The graph presents the ratios of centrosomes in the 30 ° sector facing the cell-free 
area. Data are shown as means + standard errors of the means; *** p <0.001. 
To analyze the time dependency of centrosome reorientation, the position of centrosomes 
was studied 2, 4, and 6 h after wounding (Table 1). For this large number of items, a new 
nomenclature was introduced based on a previous work of Gotlieb et al. [130]. Considering 
the nucleus as an origin, the position of the centrosomes was classified into "toward", 
"middle", "away" positions based on the position of the centrosomes relative to the wound, 
i.e., from the direction of the wound to the nucleus "toward" in the nucleus line, i.e. "middle" 







Table 1. Comparison of the effect of SDC4 silencing on centrosome reorientation in the 1st and 2nd row of myoblasts along the wound edge. The position of 
the centrosomes was classified as "toward", "middle" and "away", considering the nucleus as the origin and the cell-free zone as reference. Four independent 





The number of centrosomes facing the wound edge increased in all cell lines during the 6 
h period in both 1st and 2nd row. Analysis of centrosome position along the wound edge 
revealed that in 83% of the scrambled cells in the first row the centrosomes were located 
toward the wound edge (between the nucleus and the wound edge) 2 h after wounding and 
94% of the cells 6 h following wounding. In contrast, only 25–27% of the SDC4-silenced 
cells presented centrosomes with a “toward” position 6 h after wounding. In scrambled cells, 
only a few numbers of cells exhibited “middle” (along the side of the nucleus), or “away” 
(between the nucleus of the monolayer behind the cells) localized centrosomes 6 h after 
scratching (Table 1). Based on these results, the reorientation of centrosomes during migration 
is delayed and underdeveloped in SDC4 knockdown cells. 
4.5.  Polarized distribution of SDC4 during migration 
The former experiments demonstrated that SDC4 influences cellular polarity indicated 
by the impaired centrosome positioning and migration properties of myoblasts. Next, we 
examined the intracellular distribution of SDC4 in control (scrambled) and SDC4-silenced 
cell lines in wide-field fluorescence images. According to immunostaining experiments, the 
amount of SDC4, considering all fluorescence signal intensities, was significantly higher in 
control cells than in SDC4-silenced cell lines (fig. 17. A, B, D). SDC4 accumulates in the 
quadrant of the migrating cells facing the wounded area (fig. 17. A) which points the direction 
of migration (fig. 17. C). Comparing the amount of SDC4 accumulated in the quadrant facing 
the wounded area (fig. 17. C) to the total of SDC4 level of the cells did not depict significant 
difference between the cell lines (fig. 17. D). Based on these results, the distribution of SDC4 
does not change as a result of silencing; only the total amount of SDC4 is lower in 
knockdown cells.  
Since the wide-field images showed cytoplasmic SDC4 staining, next we performed 
double immunostaining experiments and confocal imaging. The representative confocal 
image (fig. 18. A) depicts the weak cell membrane localization of SDC4 in a migrating cell. 
Since earlier we showed the co-localization of SDC4 with the anti-GM130 Golgi marker and 
SDC4 is a member of focal adhesions, next we tested the co-distribution of SDC4 with 
GM130 and FAK (fig. 18. B, C). The observed localization of SDC4 in the focal adhesions 
and cis-Golgi (fig. 18. B, C) can explain the vacuolar and punctate signals of SDC4 staining. 
It is already shown by our research group, that the phospho- (Ser179 in human and 
Ser183 in mouse) SDC4 accumulates in the cytoplasm during cytokinesis [131]. For this 
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reason, it cannot be excluded that the SDC4 signal in migrating cells partially originates from 
the cytoplasmic phosphorylated form. 
 
 
Figure 17. Distribution of SDC4 in migrating myoblasts. Representative images of the distribution of SDC4, 
marked orange, Alexa Fluor 568, and pseudo-color images about the intensity of the molecule. Nuclei are 
stained by Hoechst 33258 (blue) (A). The mean intensity value (B); the ratio of signal intensity of the quadrant 
pointing into the direction of migration (see schematic figure, C), and the total SDC4 intensity of the cells (D) 
was calculated and compared in of the cell lines. Data are listed as means + standard errors of the means, n = 




Figure 18. Distribution of SDC4, FAK, and GM130 in migrating myoblasts. Distribution of the cell 
membrane SDC4 of migrating myoblasts (white arrows) on representative confocal images (a cell of 
scrambled cell line) (A). SDC4 and FAK distribution in a migrating cell - wide field fluorescence image 
(scrambled cell) (B). Representative wide-field fluorescence and confocal image of GM130 (cis-Golgi 
marker) and SDC4 double staining in migrating scrambled cells (C). 
4.6.  SDC4 knockdown abrogates the intracellular Ca2+ gradient in  
migrating cells 
Normally, migrating cells exhibit a gradual increase in Ca2+ levels along the axis of 
migration. Accordingly, we next assessed the distribution of intracellular Ca2+ in SDC4-
silenced C2C12 cells and compered to that seen in cells transfected with a scrambled target 
sequence. The front–rear Ca2+ distribution was studied in cells adjacent to the cell-free area in 
a scratch-wounded confluent culture (fig. 19. A). As expected, the intracellular Ca2+ 
concentration increased from the leading edge to the rear in control scrambled cells in (fig. 19. 
B, C). In contrast, this Ca2+ gradient was completely abolished in SDC4 knockdown cells (fig. 
19. B, C). Since it has been reported that Fura Red tend to accumulate in the mitochondria 
[132], we explored whether the punctate structures can be observed in the Ca2+ indicator-
loaded cell are mitochondria. Either control or SDC4-silenced cells exhibited distinct 
distribution for the Ca2+ indicators and the mitochondrial dye MitoTracker Deep Red, 
demonstrating that neither Fluo-4 nor Fura Red accumulated in the mitochondria in our 
experiments (data not shown). In summary, our findings demonstrate the essential role of 




Figure 19. Distribution of intracellular Ca2+ in migrating myoblasts. Effect of SDC4 silencing on the 
distribution of intracellular Ca2+ in migrating myoblasts (A). The ratio of Fluo-4 and Fura Red 
fluorescence, an indicator of the intracellular Ca2+ level, is shown in the representative pseudo-color 
images of scrambled, shSDC4#1, and shSDC4#2 cells (B). The ratio of Fluo-4 and Fura Red fluorescence 
was determined along the migration axis from the leading edge to the rear of cells following scratch 
wounding. The slopes of Fluo-4/Fura Red ratios along the migration axis in scrambled and SDC4 
knockdown cells (C). Migrating cells next to the cell-free zones (n = 8–12) revealed that SDC4 
knockdown completely abolished Ca2+ gradient development in migrating cells. Data are shown as the 
means + standard errors of the means; ****p < 0.0001.  
4.7.  Inhibition of Rac1 does not restore the defective migratory phenotype of 
SDC4 knockdown cells 
Based on previous studies, SDC4 knockout causes an intracellular elevation of activated 
Rac1-GTPase [35,36,93,133-135]. The aim of our next experiment was to study how Rac1 
inhibition affects cell migration, and whether it can improve the decreased migration of 
SDC4-silenced cells. The activity of Rac1 was specifically inhibited by NSC23766 treatment 
[136]. Myoblast migration was monitored for over 18 h by a random migration assay. During 
this analysis, the specific inhibition of Rac1 GTPase did not ameliorate the migration defect 
due to SDC4 knockdown (fig. 20. A). Interestingly, Rac1 inhibition caused further significant 
reduction in all examined parameters, including the total path of the cells, vectorial and 
maximum displacement, and average and maximum speed values in all cell lines (fig. 20. A). 
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We transposed the migratory tracks (total paths) of the individual cells to a common origin to 
generate the static wind rose plots. The representative wind rose plots depicting the migratory 
tracks of the individual cells show the decreased motility of all cell lines upon treatment with 
the Rac1 inhibitor NSC23766 (fig. 21.). The representative plots clearly show the result of the 
combined effect of SDC4 silencing and Rac1 inhibition. Notably, the migratory parameters of 
SDC4-silenced cell lines further decreased following NSC23766 treatment.  
The effectiveness of cell migration depends on two essential features: cell-speed and 
directional persistence. At the cellular level, directional persistence depends on the tenacity of 
lamellipodial protrusions and the stability of the trailing edge [35,135]. To ascertain the 
stability of the orientation of the cell migration, we also calculated the persistence index [136] 
in the case of the control and the SDC4 knockdown cell lines. The results show that silencing 
of SDC4 significantly decreases the persistence index of myoblasts measured after 18 h 
movement, and there was no significant difference between the non-transfected and 
scrambled cells (fig. 20. B). NSC23766 treatment of the cells further reduced persistence 
index in both SDC4 knockdown cell lines (fig. 20. B). The values of the persistence index 
over the timescale represent the time-dependency of the directional persistence showing that 
these differences can be constantly observed by comparing the cell lines (fig. 20. C). 
Interestingly, the persistence index of the untreated SDC4 knockdown cells was similar to the 
NSC23766-treated control lines; suggesting that neither high nor low activity of Rac1 favors 
directional persistence of the migration. 
4.8.  SDC4 affects Tiam1 expression and localization 
Tiam1 has been identified as a GEF, acting as a specific activator of Rac1. Because 
specific inhibition of Rac1 reduced migration parameters for all cell lines, we explored 
whether we could identify alteration in either distribution or expression of Tiam1. 
An asymmetrical Tiam1 distribution with an increased intensity towards the leading edge 
in the non-transfected and scrambled cell lines was identified whereas this peak in the Tiam1 
intensity was absent in the SDC4-silenced cells (fig. 22. A). Heatmaps have been prepared to 
quantify the changes in Tiam1 signal intensity. The representative 2D and 3D pseudocolor 
images provide better visualization of this altered Tiam1 distribution: the high-intensity red 
area depicted an asymmetric Tiam1 enrichment that is mainly adjacent to the nucleus, and 
homogenous cytoplasmic blue-green intensity was observed in both SDC4-silenced cell lines. 
These quantified results confirm the pervious observations, as the mean intensity values in the 
individual cells are significantly decreased following SDC4 knockdown (fig. 22. B), 
38 
 
indicative of reduced Tiam1 expression in these cells. To measure the variation in the pixel 
intensities, the standard deviation of Tiam1 intensity values within each cell were quantified. 
The standard deviation of intensity values in both SDC4-silenced cell lines were significantly 
lower. The pixel intensity values were closer to the mean intensity, whereas they are spread 





Figure 20. Effect of Rac1 inhibition on migration and persistence of control and SDC4 knockdown myoblasts in random migration assay. The total length of 
movement, the vectorial distance (real displacement of the cells), the maximum distance from the starting point, the average cell speed and the maximum speed of the 
cells are depicted in control and SDC4-silenced (shSDC4#1, shSDC4#2) C2C12 myoblasts either without or with NSC23766 (Rac1 inhibitor, 50 µM) treatment (A). 
Persistence index (vectorial distance/total path ratio) after 18 h and average persistence index over elapsed time (B) were calculated. The total duration of live cell 
microscopy:18 h, frame rate:3/1 h; n = 4 independent experiments; 62–114 cells/cell line; and 6–8 fields of view/experiment. Data are reported means of the 




Figure 21. Representative wind-rose plots represent the total path of the cells. The so-called trajectories i.e., the the path of movement was shifted to a common 






Figure 22. Tiam1 expression and distribution of the different cell lines. Representative images show 
Tiam1 (green) distribution (A). The non-transfected and scrambled cells exhibit an asymmetric, polarized 
Tiam1 arrangement, which is absent due to SDC4 silencing. Nuclei are blue (Hoechst 33258). 
Representative pseudocolor images (2D and 3D) depict Tiam1 signal intensity. The color was assigned to 
each pixel based on the pixel intensity value according to the calibration bar (shown on left-hand sides of 
the images). The mean intensity values in the individual cells are quantified in (B), and the average 
standard deviation values of the Tiam1 intensities are depicted in (C). n = 4–20 cells/cell line were 




Cell migration is an essential component of several physiological and pathological 
processes, including tissue regeneration. After injury, skeletal muscle tissue has a high degree 
of regenerative ability. This feature is also involved in pathological processes such as various 
muscle diseases (muscular dystrophies). Skeletal muscle regeneration consists of 4 phases, 
namely degeneration phase-1, inflammatory phase-2, regeneration phase-3 and remodeling 
phase-4 [137]. In the first phase, muscle fiber damage occurs, in the second phase, neutrophil 
granulocytes and macrophages are activated, producing cytokines essential for the activation 
of satellite cells. In the third phase, the satellite cells activate, finally in the last phase, the 
process of extracellular reconstruction occurs, the restoration of the contractile apparatus and 
the process of angiogenesis are observed [137,138]. During regeneration, the activated 
satellite cells (i.e., myoblasts, activated skeletal muscle stem cells) proliferate, differentiate, 
migrate and fuse to form tubular, multi-nuclear myotubes. Myoblasts must be able to migrate 
in order to facilitate the cell-cell interactions and myoblast fusions required for muscle fiber 
formation during muscle regeneration and development.  
SDCs, a family of transmembrane proteoglycans, have been reported to play crucial roles 
in tissue regeneration [139] and as a type I transmembrane proteoglycan, it is a component of 
focal adhesions. Besides its role as a structural molecule, it is involved in various signaling 
pathways. Our research team already demonstrated that SDC4 could influence myoblast 
proliferation, as SDC4 silencing reduced cell cycle progression from the G1 to the S phase 
and reduced the formation of mature myostatin, a negative regulator of muscle growth [140]. 
SDC4 knockout mice exhibited a decreased capacity for skin wound repair and angiogenesis 
[103], as well as inability to regenerate skeletal muscle following cardiotoxin-induced muscle 
necrosis [102]. In summary, SDC4 appears to play an essential role in skeletal muscle 
development and regeneration, although the exact mechanism underlying this phenomenon 
remains unclear [102].  
The effect of SDC4 in cell migration has been previously studied over the years in 
different cell types such as hepatic satellite cells [141], lens epithelial cells [142], endothelial 
cells [35,122], human umbilical vein endothelial cells [143], human adult dermal fibroblasts 
[144], dendritic cells [145], neural crest cells [135], or fibroblasts [133]. This proteoglycan 
may contribute to the progression of tumor diseases by influencing the migration of tumor 
cells, such as lung adenocarcinoma [146] and hepatoma [147]; and also involved in the 
migration of dendritic cells in the context of allergic rhinitis [148] and B-cells in the context 
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of arthritis [149]. A role of SDC4 has also been implicated in trophoblast migration and, 
consequently, the pathogenesis of preeclampsia [150]. More importantly, Shin et al. (2013) 
reported that SDC4 overexpression increased the migration of turkey satellite cells and 
increased the activation of RhoA GTPase, and these motile phenomena required the 
cytoplasmic domain of SDC4. Other studies observed reduced motility following SDC4 
knockdown in different cell types, consistent with our current observations, whereas high 
SDC4 level promoted migration [141,146,150]. Based on the role of SDC4 in cellular 
proliferation and cell motility, SDC4 could be a prognostic marker in various tumor diseases 
[151] such as breast cancer [131,152], in esophageal cancer [153], in lung cancer [154,155], 
in papillary thyroid carcinoma [156] , epithelial tumors [157] and also osteosarcoma [158]. 
Previous analyses of C2C12 mouse myoblast cells revealed that SDC4 was the most 
prominent heparan sulfate proteoglycan in these cells when compared with SDC1, SDC2, 
SDC3, glypican, or perlecan, thus suggesting an important role for SDC4 in C2C12 myoblast 
cells. However, the observed upregulation of SDC1, SDC2 and SDC3 mRNAs after SDC4 
silencing [140] suggests that other members of the SDC family may compensate at least 
partially for the loss of SDC4.  
Given the significant role of SDC4 in cell migration and cytoskeletal organization, we 
hypothesized that this proteoglycan influences cell polarity, centrosome positioning, and 
intracellular Ca2+ distribution during cell migration. 
 In this thesis I demonstrated that SDC4 plays a crucial role in myoblast migration, due 
to its presence, we can speak of an efficient, dynamic and coordinated cell migration 
considering both intracellular processes and cell motility. The most striking change in the 
absence of SDC4 is that cells travel a shorter path, in addition, the persistence of cell 
migration deteriorates. During our observation, we found that in the absence of SDC4, 
myoblasts encountered orientation difficulty. Cells undergo an uncontrolled, uncoordinated 
migration, also the rate of it is much slower than in the presence of SDC4 (fig. 23. A, B).  
In our research, we examined myoblast migration with directional and random migration 
assays to obtain an even more complete picture of the processes. During the directional 
wound scratch assay, we wanted to mimic in vitro the process of wound healing. It can be 
clearly seen that the path taken by the cells and the velocity of these cells are strongly reduced 
by SDC4 knock-down (fig. 23. B). However, during directional migration we were only able 
to study cell motility for 8 h. In the case of control cell lines, 8 h after insert removal, the cell-
free zone was closed. We extended our experiments to an 18 h assay, providing an even more 
nuanced picture of cell migration in the presence and absence of SDC4. In order to determine 
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the orientation and endurance of cells, we introduced the concept of persistence index. It 
became clear that the persistence of myoblasts is strongly reduced in the absence of SDC4, 
which can be attributed to the upset of cell polarization. 
The aim of this thesis is to answer why this anomaly occurs and for which background 
processes the presence of SDC4 in migrating cells is essential. 
 
Figure 23. Schematic representation of the effect of SDC4 knockdown on cell polarity and migration 
with a characteristic shape. The intracellular distribution of Ca2+ and SDC4 in non-transfected control 
(A) and SDC4 knockdown (B) myoblasts. In migrating cells, the formation of protruding leading edges is 
driven by Rac1/CDC42-GTPases favoring the generation of focal contacts, while the retraction and 
detachment occur at rear edges driven by RhoA-GTP. SDC4 distributes asymmetrically in migrating 
cells; and SDC4 knockdown resulted in the improper positioning of centrosomes, the absence of a front–
rear Ca2+ gradient and disturbances in the nanoscale structures of the actin fibers. These abnormalities 
led to decreases in cell polarity and migration. The direction of migration is well defined, and the Tiam1 
is asymmetrically accumulated at the leading edge resulting in Rac1 activation and lamellipodia 
formation (A). Knocking-down of SDC4 resulted in decreased Tiam1 expression, abrogated the 
asymmetrical distribution of Tiam1, decreased the directional persistence of the movement and decreased 
cell motility. Par3, Par6: Partitioning defective 3,6; aPKC: atypical PKC (B). The figure was created 
with BioRender app. 
Cell movement is highly dependent on the dynamic rearrangement of the actin 
cytoskeleton, a process closely related to the activation of members of the Rho family of 
small GTPases. Cdc42 and Rac play a critical role in the formation and organization of 
cortical actin networks and the protrusion of filopodia and lamellipodia [159]. The 
reorganization of cortical actin networks in the leading edge occurs as a result of increased 
activation of the Cdc42 / Rac pathway [160,161]. As cell movement progresses, focal 
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adhesions reassemble behind the leading edge presumably reflecting the upregulation of Rho, 
thus providing attachment sites to anchor actin stress fibers and to support the contractile 
forces necessary for continued cell movement. The aim of this work was to investigate the 
nanoscale changes in the actin cytoskeleton upon SDC4 silencing in myoblasts. In our 
experience, SDC4 as a molecular conductor may play a role in the polymerization of actin at 
the leading edge of migrating myoblasts. In the absence of SDC4, the lamellipodial actin 
network is visibly altered, with actin stress fibers showing a less elongated, well-developed 
pattern. 
Cell polarization, associated rearrangement of the actin cytoskeleton and cell-matrix 
relationships are key factors in cell migration. In addition to the integrins, SDC4 plays a 
cardinal role in the formation of focal adhesions. SDC4 binds directly to fibronectin, thereby 
promoting cell adhesion and cell migration, whereas the SDC4 / PKCα / RhoA signaling axis 
promotes focal adhesion formation [135,141]. Furthermore, downregulation of SDC4 
suppressed integrin-mediated cell adhesion through inhibiting FAK phosphorylation [142], 
moreover the cytoplasmic domain of SDC4 interacts directly with α-actinin [68], therefore the 
molecule is related to other also with adhesion components such as vinculin and zyxin [122] 
and the actin cytoskeleton [67]. Henceforward vinculin decoupling is induced from F-actin 
filaments in the case of SDC4 knockdown [122]. In a recent study on endothelial cells, SDC4 
knockdown was shown to induce the decoupling of vinculin from F-actin filaments [122]. 
Interestingly, the interaction of PKCα and α-actinin with SDC4 was shown to be reciprocal 
[162]. Moreover, SDC4 has been identified as a binding partner of dynamin II GTPase via its 
PH domain, and the resultant complex is a key regulator of focal adhesion and stress fiber 
formation in migrating cells [163]. Therefore, SDC4 serves as a central mediator in focal 
adhesion formation by bridging the interactions between integrins, fibronectin and 
intracellular molecules. Here we showed that both the number and size of FAK stained focal 
adhesions were decreased in SDC4 knockdown cells during migration. Consequently, the loss 
of SDC4 would affect cell motility via multiple mechanisms, including the observed changes 
in the lamellipodial actin cytoskeletal structure. 
Intracellular Ca2+ levels are crucial for the physiological functioning of the cells such as 
migration. Both Ca2+ influx from the extracellular space via different plasma membrane Ca2+ 
channels and Ca2+ release from intracellular stores contribute to the cytosolic Ca2+ 
concentration. The level of intracellular Ca2+ influences the formation of the actin network, 
but it is also involved in the formation of various mechanical junctions and adhesions. The 
findings of this work suggest that SDC4 influences the development of this Ca2+ gradient, as 
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demonstrated by its absence in SDC4 knockdown cells in association with decreased 
migration (fig. 23. A, B). 
Intracellular levels of Ca2+ are characterized by a polarized distribution that increases 
within the migrating cell from the leading edge to the tail region. The presence of SDC4 
influences this polarization, which is typical of the entire length of the cell. SDC4-influenced 
Ca2+ level has been previously described in several cell types such as podocytes [98], 
fibroblasts and keratinocytes [97], however a direct relationship between SDC4 and TRPC7 
channels has still not been mapped [91]. Furthermore, the single knockdown of SDC4 in 
HaCaT keratinocytes did not affect the Ca2+ concentration, whereas the simultaneous 
silencing of both SDC1 and SDC4 decreased the cytosolic Ca2+ concentration in a TRPC4 
channel-dependent manner [97]. Ca2+ gradient formation and FAK phosphorylation (Tyr397) 
are processes of outstanding importance for the reconstruction of focal adhesions [82,164]. The 
accumulation of phospho-FAK on the frontal side of the cell has been previously described 
[53,165,166]. Intracellular distribution and polarization of SDC4 affect local phospho-FAK 
levels and low levels of SDC4 in the rear of the cell may contribute to the disassembly of 
focal adhesions. 
One of the indicators of cell polarization is the location of centrosomes within the cell 
[107,129]. The role of SDC4 in cytokinesis and the polarization of phospho-Ser179-SDC4 are 
known [131]. Crucial regulators of cellular polarity are cyclic, seesaw-like intracellular 
alternations of RhoA and Rac1 activity [36,96]. This study demonstrates that SDC4 influences 
the location of centrosomes within a cell. Since the orientation of the centrosome-nucleus axis 
depends on the balance of actin- and microtubule-mediated forces [167], changes in the 
cytoskeleton structure of actin may contribute to disorientation in the location of centrosomes. 
Furthermore, changes in the amount and level of Rac1 GTPase may also affect the 
intracellular misalignment of centrosomes in SDC4-silenced cells. This hypothesis is 
supported by the fact that Rac1 activity is localized to the leading edges of migrating SDC4-
sufficient cells, resulting in a persistent, constant migration [36].  
The front-to-rear cell polarity required for migration depends on the activities of various 
members of the small GTPase Rho family. The rear of a migrating cell is defined by high 
levels of RhoA activity and subsequent actomyosin contractility, in addition to an increased 
Ca2+ concentration and the activation of Ca2+-dependent proteases required to cleave focal 
adhesion proteins. Interestingly, Tsai and colleagues suggested the presence of crosstalk 
between Ca2+ signaling and Rho GTPases that would coordinate the oscillations of these 
factors in the leading edges of migrating cells [45]. As noted, phospho-Ser179 SDC4 regulates 
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both Rac1 GTPase activity [96] and intracellular Ca2+ level [97]. It would be interesting to 
determine whether these processes are coordinated simultaneously by SDC4 during cell 
migration. 
Tiam1 has been identified as a nucleotide exchange factor (GEF). It has a fundamental 
role in vital physiological processes. Tiam1 is a specific activator of Rac1, Cdc42 and to a 
lesser extent, of RhoA [12,159]. The Par (comprising Par3, Par6 and atypical PKC)-Tiam1 
complex stabilizes the front-rear polarization of migratory cells (fig. 23. A), thereby 
supporting persistent migration. The Par (comprising Par3, Par6, and atypical PKC)-Tiam1 
complex stabilizes the front-rear polarization of migratory cells, thereby stimulating persistent 
and chemotactic migration. Meanwhile, in epithelial cells it controls the establishment of 
apical-basal polarity, thus showing the control of distinct forms of cellular polarity [37]. 
Tiam1-mediated Rac1 signaling is vital in establishing and maintaining of cell polarity, and it 
localizes the Rac1 activity at the leading edge of the migrating cells [23]. Impaired Tiam1 
signaling was reported to inhibit the formation of front-rear polarization during migration 
thereby inhibiting persistent migration [37].  
SDC4 is responsible for the localization of active Rac1 in membrane protrusions at the 
leading edge of cells by regulating PKCα activity [36], which is necessary for persistent 
migration. Therefore, knocking-out of SDC4 increases the level of delocalized active Rac1 
[36]. It is noteworthy that the direct relationship between the SDC4 coordinated persistent 
migration and the Tiam1-mediated Rac1 activation remains unknown. Earlier, our research 
group has reported that SDC4 binds and inhibits Tiam1, modulating the activity of Rac1 
GTPase [140]. Thus, the SDC4-Tiam1 complex can regulate the local activity of Rac1.  
Both the total amount of Rac1-GTP and its spatial distribution is critical for cell 
migration. Pankov et al. reported that both very highly activated Rac1 and very low Rac1 
activity inhibit migration [168]. Knocking-out of SDC4 results in increased Rac1-GTP level 
[35,36,133-135], thus SDC4 is involved to maintain the low basal activity of Rac1. Here we 
report that SDC4 silencing decrease the migration of myoblasts. NSC23766 is a cell-
permeable specific inhibitor of Rac1 activation by the Rac1-specific GEFs Tiam1 [136]. We 
hypothesized that Rac1 inhibitor treatment can improve the migratory parameters of SDC4 
silenced cells, but the specific inhibition of Rac1 activity by NSC23766 did not rescue the 
effects of SDC4, rather exacerbated it. As NSC23766 treatment does not restore the migratory 
phenotype of the SDC4 knockdown cells, not only the active Rac1 level but the SDC4-
dependent localization of Rac1 activity is also important for the correct cell migration.  
48 
 
For the effective cell migration, the establishment of a rear-front Rac1 gradient is 
essential. The SDC4 knockdown resulted in homogenous Tiam1 distribution, which might, in 
turn cause delocalized Rac1 activation (fig. 23. A, B). This can explain the reduced 
persistence and motility of SDC4 knockdown cells (fig. 23. A, B). In accordance with our 
observation, SDC4-null fibroblasts migrate randomly as a result of high delocalized Rac1 
activity [36]. Interestingly, the polarized distribution of SDC4 was already shown during 
cytokinesis by its accumulation in the intercellular bridges during cell division [131]. 
Moreover, the directional persistence index of untreated SDC4 knockdown cells was similar 
to those of the NSC23766-treated non-transfected and scrambled lines; indicating that more 
than just the absolute amount of active Rac1 is important for the directionality of migration.  
In this study, Tiam1 exhibited a strong asymmetrical localization toward the leading 
edge in non-transfected and scrambled cell lines. The perinuclear accumulation of Tiam1 can 
also be observed indicating that Tiam1 localizes not only in the leading-edge protrusions but 
also shows significant accumulation in the Golgi-network in migrating cells. As with other 
cellular constituents, such as centrosomes, the Golgi-apparatus requires a leader-oriented 
localization for effective cell migration. The level of Tiam1 expression seems to be correlated 
with cell motility [169]. In our study, we detected a significantly higher signal intensity of 
Tiam1 in non-transfected and scrambled cell lines, than in the SDC4 silenced cells (fig. 22. 
A). These findings may indicate increased expression of Tiam1 in control cell lines. SDC4 
silencing reduces Tiam1 signal intensity and abrogates the strong, asymmetrical Tiam1 
gradient towards the leading edge. 
Given the role of Tiam1 and Rac1 in cell migration, several studies have explored the 
prognostic value of Tiam1 in patients with solid tumors. High Tiam1 expression has been 
significantly associated with shorter survival and positive lymphatic metastasis in patients 
with malignant solid tumors, and Tiam1 may present a promising prognostic biomarker and 
an effective therapeutic target for treating malignancies [170]. For example, a study has 
shown that Tiam1 expression correlated with cell motility in human breast cancer cells and is 
required to support the motile phenotype [169]. The authors reported the localization of 
endogenous Tiam1 to the Golgi, and demonstrated the role of this in Golgi reorientation, 
suggesting that it may support motility through a mechanism that is discrete from its known 
function in leading-edge dynamics [169]. Similarly, we identified accumulation of Tiam1 in 
intracellular compartments. In accordance with these Tiam1 expression data, the SDC4 




Intercellular communication is essential for the survival of multicellular organisms 
through direct cell-cell contact as well as for transfer of secreted molecules or intercellular 
transfer of extracellular vesicles. Exosomes are extracellular vesicles 20-100 nm in diameter 
bounded by a phospholipid bilayer [171-173]. They are capable of horizontal transfer of many 
molecules such as actin, tubulin, DNA, RNA and other signaling proteins [174]. Due to their 
characteristic composition, they are suitable for diagnostics, while their specific absorption 
capacity may allow the delivery of drug molecules to the target cell. In addition, exosomes 
influence the process of cell migration in a paracrine and autocrine manner [175]. Leading 
cells secrete exosomes in order to help guide subsequent cells [176]. In addition, a mechanical 
role can be assumed, as a more efficient cell movement can be created by rolling on the 
exosomes [177]. The role of SDCs in exosome biogenesis is known and the role of exosomes 
in stabilizing adhesions has been described [178], however the signaling pathway has not 
been linked between them yet. One of our future aims is to map the molecular mechanisms 
associated with the SDC4 - exosome biogenesis and uptake - cell migration axis. Exosomes 
could be potential therapeutic targets that may help influence SDC4-coordinated signaling 
mechanisms in various lesions and diseases, as well as in tumor diseases. 
Overall, we have identified new effects of SDC4 in the regulation of cell migration. 
Specifically, SDC4 silencing greatly reduces the migratory abilities of myoblasts. Presumably, 
this effect is due to a disturbance in cell polarization, which can be inferred from the shift in 
centrosome positioning relative to the nucleus and the absence of the intracellular Ca2+ 
gradient. Moreover, SDC4 affect Tiam1 expression and distribution, and directional 
persistence of migration. The reduced migration capability might also be attributed to changes 
in the nanoscale structure of the lamellipodial actin cytoskeleton and reductions in cell–matrix 
adhesions. These results indicate a critical role of SDC4 during myoblast migration, which 
may contribute to an exploration of the essential role of SDC4 in the development and 
regeneration of skeletal muscle. Our findings elucidate the multiple roles of SDC4 in 
myoblast cell migration, although these findings are likely applicable to other cell types, 
given the ubiquitous expression of SDC4. This increase in general knowledge about cell 
migration will likely facilitate the development of strategies for the further exploration of a 
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Abstract: Skeletal muscle is constantly renewed in response to injury, exercise, or muscle diseases.
Muscle stem cells, also known as satellite cells, are stimulated by local damage to proliferate
extensively and form myoblasts that then migrate, differentiate, and fuse to form muscle fibers. The
transmembrane heparan sulfate proteoglycan syndecan-4 plays multiple roles in signal transduction
processes, such as regulating the activity of the small GTPase Rac1 (Ras-related C3 botulinum toxin
substrate 1) by binding and inhibiting the activity of Tiam1 (T-lymphoma invasion and metastasis-1),
a guanine nucleotide exchange factor for Rac1. The Rac1-mediated actin remodeling is required for
cell migration. Syndecan-4 knockout mice cannot regenerate injured muscle; however, the detailed
underlying mechanism is unknown. Here, we demonstrate that shRNA-mediated knockdown
of syndecan-4 decreases the random migration of mouse myoblasts during live-cell microscopy.
Treatment with the Rac1 inhibitor NSC23766 did not restore the migration capacity of syndecan-4
silenced cells; in fact, it was further reduced. Syndecan-4 knockdown decreased the directional
persistence of migration, abrogated the polarized, asymmetric distribution of Tiam1, and reduced
the total Tiam1 level of the cells. Syndecan-4 affects myoblast migration via its role in expression
and localization of Tiam1; this finding may facilitate greater understanding of the essential role of
syndecan-4 in the development and regeneration of skeletal muscle.
Keywords: myoblast; cell migration; Tiam1; syndecan-4; proteoglycan; Rac1; NSC23766; directional
persistence; muscle regeneration; skeletal muscle
1. Introduction
Skeletal muscle is a highly dynamic tissue that can regenerate successfully following injury, and it
can change in size in response to exercise, aging, or diseases (e.g., cancer cachexia, immobilization,
muscular dystrophy). The skeletal muscle stem cells, also known as satellite cells, which are localized
between the muscle fiber and basal lamina, are responsible for the plasticity, maintenance, and
regeneration of skeletal muscle [1,2]. The satellite cells are mitotically and physiologically quiescent
in healthy muscle, but they are stimulated by local damage to form myoblasts that subsequently
proliferate, migrate, differentiate, and fuse to form multinucleated muscle fibers.
Cell migration is essential for establishing and maintaining the proper organization of multicellular
organisms [3]. Cell movement is a complex process that plays an important role in various physiological
Int. J. Mol. Sci. 2020, 21, 823; doi:10.3390/ijms21030823 www.mdpi.com/journal/ijms
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processes including regeneration, wound healing, angiogenesis, embryonic development, and immune
cell responses, in addition to tumor progression and metastasis formation. One of the most important
conditions for cell movement is the polarization of the cell, in terms of morphology, with the formation of
a leading edge at the front and a retracting tail, and the correct positioning of the cellular components [4].
An actin-rich protrusion, called the lamellipodium, must evolve toward migration, thereby creating
asymmetry in the cell, with distinct front-rear polarity [5]. Polarization is also defined by the positioning
of the cell nucleus and the reorientation of the Golgi network and microtubule organizing center
toward the leading edge [6,7]. The Rho family of small GTPases, including Rac1 (Ras-related C3
botulinum toxin substrate 1), Cdc42, and RhoA, plays a fundamental role in the development and
maintenance of this front-rear polarity [8].
The Rho GTPases act as molecular switches cycling between an inactive GDP-bound and an active
GTP-bound form to bind and activate downstream effector proteins, thereby affecting various signaling
pathways [9]. The two-state cycle is regulated by three sets of proteins: the guanine nucleotide
exchange factors (GEFs), which catalyze the exchange of GDP for GTP, and GTPase-activating proteins
(GAPs), which increase intrinsic GTP hydrolysis, are responsible for Rho GTPases switching between
their active and inactive forms, respectively. Moreover, switching between GDP- and GTP-bound
states may involve cytosol-membrane translocation, as guanine dissociation inhibitors (GDIs) prevent
Rho GTPases from membrane-targeting and activation [10].
Tiam1 (T-lymphoma invasion and metastasis-1) has been identified as a GEF, acting as a specific
activator of Rac1 [11], and it plays a key role in pivotal biological processes including cell migration [8]
and cell polarization [11]. The Par (partitioning defective) polarity complex, comprising Par3, Par6 and
atypical PKC, plays a key role in the development and maintenance of cell polarity [8]. Furthermore,
Tiam1, along with the Par polarity complex, stimulates persistent migration by stabilizing the
anterior-posterior polarization of migrating cells [12]. Par3 interacts with Tiam1, leading to localized
Rac1 activation, creating a gradient of Rac1 and RhoA GTPases in migrating cells: the former is
concentrated at the leading edge, and the latter is in the rear of the cell [13]. As Tiam1-mediated Rac1
signaling is required for establishing and maintaining cell polarity [14], impaired Tiam1 signaling
inhibits the formation of front-rear polarization in migrating cells thereby inhibiting persistent
migration [12].
Syndecan-4 (SDC4) is a ubiquitously expressed transmembrane, heparan sulfate proteoglycan
that is a major cell surface marker of satellite cells [15]. Syndecan-4 connects the extracellular matrix
to the cytoskeleton, allowing the interaction between the cell and extracellular matrix components,
cytokines, or growth factors [16]. The cytoplasmic domain contains one variable and two conserved
regions, binding to ezrin, radixin, and moesin proteins, in addition to Src kinase, α-actinin, or protein
kinase C α (PKCα) [17–19], and regulating intracellular Ca2+ concentration [20] or Rac1 activity [21,22].
Syndecan-4 binds and inhibits Tiam1, modulating the activity of Rac1 GTPase [22]. The cytoplasmic
domain of syndecan-4 contains a type II PDZ binding site, and Tiam1 exhibit a PDZ domain. Both
phosphorylation of the cytoplasmic serine residue of syndecan-4 and the PDZ domain binding of
Tiam1 are involved in regulation of the GEF activity of Tiam1, thereby regulating Rac1-GTP level [22].
Syndecan-4 knockout mice cannot regenerate injured skeletal muscle [23], and the precise
mechanism underlying this phenomenon is unclear. Given the role of syndecan-4 in the regulation of
Rac1 GTPase and the importance of cell migration during muscle regeneration, the aim of our study
was to investigate the role of Tiam1-mediated Rac1 activation in syndecan-4-dependent myoblast
migration. We have demonstrated that syndecan-4 knockdown decreased migration of myoblasts,
accompanied by reduced global Tiam1 expression. Moreover, it abrogated the asymmetric, polarized
distribution of Tiam1 and reduced directional persistence of the movement.
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2. Results
2.1. Syndecan-4 Silencing Reduces Myoblast Migration in a Random Migration Assay
We verified the effect of syndecan-4 (SDC4) silencing by qPCR technique and Western blotting
in C2C12 mouse myoblast cell lines transfected stably with plasmids expressing shRNA specific for
syndecan-4 (shSDC4#1 and shSDC4#2), and we also tested the effect of the scrambled sequence [24].
The syndecan-4 expression was significantly decreased in both shSDC4#1 and shSDC4#2 cell lines, with
the reduction being less in the latter; whereas the scrambled sequence did not affect the syndecan-4
level [24].
Initially, the effect of syndecan-4 silencing was examined in a random migration assay for 18 h.
Representative time-lapse videos are included as Supplementary Materials Videos S1–S4. Syndecan-4
knockdown significantly reduced the total path of migration, both the vectorial distance (i.e. real shift
of the cells) and the maximum distance from the origin were decreased; furthermore, the average and
maximum speed were also reduced (Figure 1A–E). No significant difference was observed between the
non-transfected and scrambled cells.
Figure 1. The role of syndecan-4 and Rac1 (Ras-related C3 botulinum toxin substrate 1) in random,
two-dimensional migration of myoblasts. The total length of movement (A), the vectorial distance
(real displacement of the cells) (B), the maximum distance from the starting point (C), the average cell
speed (D), and the maximum speed (E) of the cells are depicted in non-transfected, scrambled, and
syndecan-4 silenced (shSDC4#1, shSDC4#2) C2C12 myoblast cells either without or with NSC23766
(Rac1 inhibitor) treatment. Schematic representation of the total path, vectorial distance, and maximum
distance of the movement (F). The total duration of live cell microscopy: 18 h, frame rate: 3/1 h; n = 4
independent experiments; 62–114 cells/cell line; and 6–8 fields of view/experiment. Data are reported
means of the independent experiments + SEM; **** p < 0.0001; *** p < 0.001; ** p < 0.01; * p < 0.05.
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Next, we transposed the migratory tracks (total paths) of the individual cells to a common origin
to generate the static wind rose plots depicted in Figure 2. The representative wind rose plots depict the
migratory tracks of cells based on the position of the x and y coordinates of the movement (Figure 2).
The smaller diameters of the wind rose plots in both shSDC4#1 and shSDC4#2 lines indicate the
reduced motility of these cells (Figure 2A).
Figure 2. Representative wind-rose plots depict the total path of the cells. The trajectories were shifted
to a common origin. Each colored line represents the total path of a single untreated myoblast either
without (A) or with NSC23766 treatment (B) in the different cell lines. Total duration of live cell
microscopy: 18 h.
2.2. Inhibition of Rac1 Does Not Restore the Defective Migratory Phenotype of Syndecan-4 Knockdown Cells
Syndecan-4 knockout causes a steady increase in the levels of activated Rac1-GTPase [21,25–28].
The aim of our next experiment was to study how Rac1 inhibition affects migration, and whether it can
improve the decreased migration of syndecan-4 silenced cells. The activity of Rac1 was specifically
inhibited by NSC23766 treatment [29]. Cell migration was examined for 18 h during a random
migration assay. Representative time-lapse videos (Supplementary Materials Videos S5–S8) show
the decreased motility of the cells following NSC23766 treatment. During this analysis, the specific
inhibition of Rac1 GTPase did not ameliorate the migration defect due to syndecan-4 knockdown.
Interestingly, Rac1 inhibition caused further significant reduction in all examined parameters, including
the total path of the cells, vectorial and maximum displacement, and average and maximum speed
values in all cell lines (Figure 1).
The representative wind rose plots depicting the migratory tracks of the individual cells show
the decreased motility of all cell lines upon treatment with the Rac1 inhibitor NSC23766 (Figure 2B).
The representative plots clearly show the result of the combined effect of syndecan-4 silencing and
Rac1 inhibition. Notably, the migratory parameters of syndecan-4 silenced cell lines further decreased
following NSC23766 treatment.
2.3. Syndecan-4 Knockdown Affects the Directional Persistence of Migration
The effectiveness of cell migration depends on two essential features: cell-speed and directional
persistence. At the cellular level, directional persistence depends on the tenacity of lamellipodial
protrusions and the stability of the trailing edge [27,28]. To ascertain the stability of the orientation
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of the cell migration, we also calculated the persistence index [29] in the case of the control and the
syndecan-4 knockdown cell lines. The values of the persistence index over the timescale represent
the time-dependency of the directional persistence showing that these differences can be constantly
observed by comparing the cell lines (Figure 3A).
Figure 3. Directional persistence in cell migration. (A) Average persistence index (vectorial distance/total
path ratio) over elapsed time indifferent cell lines. (B) Effect of Syndecan-4 (SDC4) silencing and/or Rac1
inhibition (NSC23766 treatment, 50 µM) on persistence index after 18 h. n = 4 independent experiments,
62–114 cells/cell line, 6–8 fields of view/experiment, Data are reported as means of the independent
experiments + SEM; * p < 0.05; ** p < 0.01.
The results show that silencing of syndecan-4 significantly decreases the persistence index
of myoblasts measured after 18 h movement. There was no significant difference between the
non-transfected and scrambled cell lines. NSC23766 treatment of the cells further reduced persistence
index in both syndecan-4 knockdown cell lines (Figure 3B). Interestingly, the persistence index of the
untreated syndecan-4 knockdown cells was similar to the NSC23766-treated control lines; suggesting
that neither high nor low activity of Rac1 favors directional persistence of the migration.
2.4. Syndecan-4 Affects Tiam1 Expression and Localization
As the inhibition of Rac1 activity reduced migration ability (in both control and syndecan-4
silenced cell lines), we explored whether we could identify alteration in either distribution or expression
of Tiam1. We found an asymmetrical Tiam1 distribution with an increased intensity towards the
leading edge in the non-transfected and scrambled cell lines, whereas this peak in the Tiam1-intensity
was absent in the syndecan-4 silenced cells (Figure 4A). The representative 2D and 3D pseudocolor
images provide better visualization of this altered Tiam1 distribution: the high-intensity red area
depicted an asymmetric Tiam1 enrichment that is mainly adjacent to the nucleus, and homogenous
cytoplasmic blue-green intensity was observed in both syndecan-4 silenced cell lines. These quantified
results confirm the pervious observations, as the mean intensity values in the individual cells are
significantly decreased following syndecan-4 knockdown (Figure 4B), indicative of reduced Tiam1
expression in these cells. To measure the variation in the pixel intensities, the standard deviation of
Tiam1 intensity values within each cell were quantified. The standard deviation of intensity values in
both syndecan-4 silenced cell lines were significantly lower. The pixel intensity values were closer to
the mean intensity, whereas they are spread out over a wider range in the control cells (Figure 4C).
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Figure 4. Tiam1 (T-lymphoma invasion and metastasis-1) expression of the different cell lines.
(A) Representative images show Tiam1 (green) distribution. The non-transfected and scrambled cells
exhibit an asymmetric, polarized Tiam1 arrangement, which is absent due to SDC4 silencing. Nuclei
are blue (Hoechst 33258). Representative pseudocolor images (2D and 3D) depict Tiam1 signal intensity.
The color was assigned to each pixel based on the pixel intensity value according to the calibration
bar (shown on left-hand sides of the images). The mean intensity values in the individual cells are
quantified in (B), and the average standard deviation values of the Tiam1 intensities are depicted in (C);
n = 4–20 cells/cell line were analyzed; data are reported as mean+ SEM; **** p < 0.0001.
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3. Discussion
Tiam1 plays an essential role in pivotal biological processes and has been identified as a nucleotide
exchange factor (GEF), a specific activator of the small GTPase Rac1 [11]; however, it is also specific for
Cdc42 and to a lesser extent, RhoA [30]. The Par (comprising Par3, Par6, and atypical PKC)-Tiam1
complex stabilizes the front-rear polarization of migratory cells, thereby stimulating persistent and
chemotactic migration. Meanwhile, in epithelial cells it controls the establishment of apical-basal
polarity, thus showing the control of distinct forms of cellular polarity [12]. Tiam1-mediated Rac1
signaling is vital in establishing and maintaining of cell polarity, and it localizes the Rac1 activity at the
leading edge of the migrating cells [8]. Furthermore, impaired Tiam1 signaling was reported to inhibit
the formation of front-rear polarization during migration thereby inhibiting persistent migration [12].
The role of syndecan-4 transmembrane proteoglycan in directional migration, which is essential
for several physiological processes, has been identified previously [21,25,31]. Moreover, syndecan-4,
by regulating PKCα activity, is responsible for the localization of active Rac1 in membrane protrusions
at the leading edge of cells [21], which is necessary for persistent migration. Therefore, knocking-out of
syndecan-4 increases the level of delocalized active Rac1 [21]. It is noteworthy that the direct relationship
between the syndecan-4 coordinated persistent migration and the Tiam1-mediated Rac1 activation
remains unknown. Earlier, we reported that syndecan-4 binds and inhibits Tiam1, modulating the
activity of Rac1 GTPase [24]. Thus, the syndecan-4-Tiam1 complex can regulate the local activity
of Rac1.
Both the total amount of Rac1-GTP and its spatial distribution is critical for cell migration. Pankov
et al. reported that both very highly activated Rac1 and very low Rac1 activity inhibit migration [32].
Knocking-out of syndecan-4 results in increased Rac1-GTP level [21,25–28], thus syndecan-4 is involved
to maintain the low basal activity of Rac1, and here we reported that syndecan-4 silencing decreased
the migration of myoblasts. NSC23766 is a cell-permeable specific inhibitor of Rac1 activation by
the Rac1-specific GEFs Tiam1 [29]. We hypothesized that Rac1 inhibitor treatment can improve the
migratory parameters of syndecan-4 silenced cells, but the specific inhibition of Rac1 activity by
NSC23766 did not rescue the effects of syndecan-4, rather exacerbated it. As NSC23766 treatment
does not restore the migratory phenotype of the syndecan-4 knockdown cells, not only the active
Rac1 level but the syndecan-4-dependent localization of Rac1 activity is also important for the correct
cell migration.
For the effective cell migration, the establishment of a rear-front Rac1 gradient is essential.
The syndecan-4 knockdown resulted in homogenous Tiam1 distribution, which might, in turn
cause delocalized Rac1 activation (Figure 5). This can explain the reduced persistence and motility
of syndecan-4 knockdown cells (Figure 5). In accordance with our observation, syndecan-4-null
fibroblasts migrate randomly as a result of high delocalized Rac1 activity [21]. Interestingly, the
polarized distribution of syndecan-4 was already shown during cytokinesis by its accumulation in
the intercellular bridges during cell division [33]. Moreover, the directional persistence index of
untreated syndecan-4 knockdown cells was similar to those of the NSC23766-treated non-transfected
and scrambled lines; indicating that more than just the absolute amount of active Rac1 is important for
the directionality of migration.
In this study, Tiam1 exhibited a strong asymmetrical localization toward the leading edge in
non-transfected and scrambled cell lines. The perinuclear accumulation of Tiam1 can also be observed
indicating that Tiam1 localizes not only in the leading-edge protrusions but also shows significant
accumulation in the Golgi-network in migrating cells. As with other cellular constituents, such as
centrosomes, the Golgi-apparatus requires a leader-oriented localization for effective cell migration.
The level of Tiam1 expression seems to be correlated with cell motility [34]. In our study, we detected
a significantly higher signal intensity of Tiam1 in non-transfected and scrambled cell lines, than in
the syndecan-4 silenced cells (Figure 4A). These findings may indicate increased expression of Tiam1
in control cell lines. Syndecan-4 silencing reduces Tiam1 signal intensity and abrogates the strong,
asymmetrical Tiam1 gradient towards the leading edge.
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Figure 5. (A) Schematic representation of a migrating cell with a characteristic shape. The direction
of migration is well defined, and the Tiam1 is asymmetrically accumulated at the leading edge
resulting in Rac1 activation and lamellipodia formation. (B) Knocking-down of syndecan-4 resulted
in decreased Tiam1 expression, abrogated the asymmetrical distribution of Tiam1, decreased the
directional persistence of the movement, and decreased cell motility. Par3, Par6: Partitioning defective
3,6; aPKC: atypical PKC; Tiam1: T-lymphoma invasion and metastasis-1; : increase; : decrease.
Given the role of Tiam1 and Rac1 in cell migration, several studies have explored the prognostic
value of Tiam1 in patients with solid tumors. High Tiam1 expression has been significantly associated
with shorter survival and positive lymphatic metastasis in patients with malignant solid tumors,
and Tiam1 may present a promising prognostic biomarker and an effective therapeutic target for
treating malignancies [35]. For example, a study has shown that Tiam1 expression correlated with
cell motility in human breast cancer cells and is required to support the motile phenotype [34]. The
authors reported the localization of endogenous Tiam1 to the Golgi, and demonstrated the role of this
in Golgi reorientation, suggesting that it may support motility through a mechanism that is discrete
from its known function in leading-edge dynamics [34]. Similarly, we identified accumulation of
Tiam1 in intracellular compartments. In accordance with these Tiam1 expression data, the syndecan-4
knockdown cells in our model system exhibited both reduced expression of Tiam1 and reduced motility.
Overall, our results indicate a critical role of syndecan-4 during myoblast migration, which may
contribute to an exploration of the essential role of syndecan-4 in the development and regeneration of
skeletal muscle. We hope that our findings will facilitate understanding of the mechanisms underlying
myoblast migration during embryonic development and postnatal muscle regeneration.
4. Materials and Methods
4.1. Cell Culture and Plasmids
C2C12 mouse myoblast (ATCC; Manassas, VA, USA) cultures were maintained in medium
containing 80% high-glucose Dulbecco’s modified Eagle’s medium (4.5 g/L glucose containing 584
mg/L glutamine and 110 mg/L pyruvate; Corning, New York, NY, USA), 20% fetal bovine serum
(Gibco/Thermo Fisher Scientific, Waltham, MA, USA), and 65 µg/mL gentamicin (Lonza, Basel,
Switzerland). Cells were transfected stably using shRNA (short hairpin RNA) expressing plasmids
(OriGene, TR513122; Rockville, MD, USA) and X-tremeGENE transfection reagent (Roche, Basel,
Switzerland). For syndecan-4 knockdown, we applied plasmids targeting the following sequences:
5′-GAA CTG GAA GAG AAT GAG GTC ATT CCT AA-3′ (shSDC4#1) or 5′-GCG GCG TGG TAG GCA
TCC TCT TTG CCG TT-3′ (shSDC4#2). The scrambled plasmid targeted the 5′-GCA CTA CCA GAG
CTA ACT CAG ATA GTA CT-3′ sequence. Selection of the transfected cells was obtained by adding
4 µg/mL puromycin (Sigma-Aldrich, St. Louis, MO, USA) to the culturing medium.
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4.2. Time-Lapse Imaging of Live Cells
Live-cell imaging was carried out using the Operetta high-content imaging system with a 20×
objective (PerkinElmer, Inc., Waltham, MA, USA). For imaging, cells were seeded in 24-well plates at
a density of 7.5 × 103 cells/well. After 60 min, the medium was changed to a serum-reduced one to
suppress cell division, and 24 h later the nuclei were stained with Hoechst33342 (1:2000, 1 mg/mL stock
solution; Sigma-Aldrich), and Rac1 was inhibited by NSC23766 treatment during the measurement
(50 µM; Tocris Bioscience, Bristol, United Kingdom). Time-lapse images were obtained automatically
at 20 min intervals for 18 h at 37 ◦C and 5% CO2.
4.3. Single-Cell Tracking of Cultured Myoblasts
Time-lapse microscopic images were analyzed using ImageJ (National Institutes of Health,
Bethesda, MD, USA, https://imagej.nih.gov/ij/) and CellTracker (http://celltracker.website/) software
programs. The nuclei were tracked manually through every frame, and the x and y coordinates of the
movement were recorded. We excluded dying, dividing, or damaged cells from the analysis. Based on
the nuclear coordinates, the length of total path, the vectorial distance (i.e., real shift of the cell), and
maximal distance from origin, the average and maximal speed were calculated. The directionality
of the cell movement was described by the persistence index, which was defined by the ratio of the
vectorial distance (the distance between the origin and the endpoint of the movement) and the length
of total path.
4.4. Trajectories and Wind-Rose Diagrams
To illustrate the trajectories, the migratory tracks of the individual cells were transposed to a
common origin using Excel DiPer Plot_At_Origin macro [36]. The wind rose plots created draw
individual cell paths based on the x and y coordinates of the cell tracking data.
4.5. Fluorescent Staining and Microscopy
For fluorescent staining, cells were seeded for 24 h onto fetal bovine serum (Gibco/Thermo Fisher
Scientific, Waltham, MA, USA) coated glass coverslips (Hirschmann Laborgeräte GmbH & Co. KG,
Eberstadt, Germany), fixed with 4% paraformaldehyde (Molar Chemicals Kft., Halásztelek, Hungary)
for 10 min at room temperature, permeabilized with 0.3% Tween 20 (Sigma-Aldrich, Inc., St. Louis,
Missouri, USA), and blocked with 1% bovine serum albumin (Sigma-Aldrich) in PBS. Rabbit polyclonal
anti-Tiam1 primary antibody (OST00085W; Invitrogen, Carlsbad, CA, USA) was visualized with the
appropriate Alexa488-conjugated secondary antibody (Invitrogen). The nuclei were counterstained
with Hoechst 33258 (0.01 mg/mL, Sigma-Aldrich). Epi-fluorescence images were obtained on a Nikon
Eclipse Ti-E microscope (Nikon Instruments Inc., 1300 Walt Whitman Road Melville, NY 11747-3064,
USA) with 40× objectives.
4.6. Evaluation of Tiam1 Immunostaining
The epifluorescent images were recolored as heat maps using ImageJ (National Institutes of Health,
Bethesda, MD, USA, https://imagej.nih.gov/ij/) image analysis program (Image>Lookup Tables). Each
pixel was colored based on the pixel intensity value (16-bit images; 0-65535 gray value) according to
the scale bar shown in the images (the lowest intensity pixels are shown as blue; the highest intensity
pixels are shown as red). The contours of the individual cells were drawn (Analyze>Analyze particles),
and the average pixel intensity within the border of the cells were quantified (Analyze>Measure) in
the different cell lines. The intensity value of each pixel was measured within the selected area and the
sum of the intensities was divided by the area of the cell to obtain the average Tiam1 intensity value of
the individual cells. To measure the amount of variation in the pixel intensities, the standard deviation
of the intensity values was also calculated in every cell (Analyze>Measure).
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4.7. Statistical Analysis
Differences between groups were analyzed using a one-way ANOVA, followed by the Scheffe
post-hoc test. GraphPad Prism 7.0 (GraphPad Software Inc., San Diego, CA, USA) was used for
graphing and statistical analyses. The data are expressed as means + standard errors of the means.
A p value < 0.05 was considered as significantly different.
Supplementary Materials: Supplementary materials can be found at http://www.mdpi.com/1422-0067/21/3/823/s1.
Author Contributions: Conceptualization, A.K.-P.; data curation, D.B., S.G.-N., A.B., A.K.-P.; writing—original
draft preparation, B.D., S.G.-N., A.K.-P.; writing—review and editing, A.K.-P., L.D.; visualization, D.B., S.G.-N.;
supervision, A.K.-P., P.H., L.D.; funding acquisition, A.K.-P., L.D., P.H. All authors have read and agreed to the
published version of the manuscript.
Funding: This research was supported by the National Research, Development and Innovation Office of
Hungary (grant numbers: GINOP-2.3.2-15-2016-00040 (MYOTeam), EFOP-3.6.2-16-2017-00006, NKFI K 132446).
The work was further supported by the János Bolyai Research Scholarship of the Hungarian Academy of
Sciences (to A.K.-P.), UNKP-19-4-SZTE-23 New National Excellence Program of the Ministry for Innovation and
Technology Sciences (to A.K.-P.), and was conducted with support from the Szeged Scientists Academy under
the sponsorship of the Hungarian Ministry of Human Capacities (grant number EMMI:13725-2/2018/INTFIN,
to S.G.-N.). P.H. acknowledge support from the LENDULET-BIOMAG Grant (grant number 2018-342) and the
European Regional Development Funds (grant numbers: GINOP-2.3.2-15-2016-00006, GINOP-2.3.2-15-2016-00026,
and GINOP-2.3.2-15-2016-00037).
Acknowledgments: The authors thank Zita Makrane Felho and Laszlone Csontos (University of Szeged) for their
excellent technical assistance.
Conflicts of Interest: The authors declare no conflict of interest.
Abbreviations
GDI Guanine dissociation inhibitors
GEF Guanine nucleotide exchange factor
GAP GTPase activating protein
Par Partitioning defective
PKCα Protein kinase C α
Rac1 Ras-related C3 botulinum toxin substrate 1
SDC4 Syndecan-4
Tiam1 T-lymphoma invasion and metastasis-1
References
1. Mauro, A.; Adams, W.R. The structure of the sarcolemma of the frog skeletal muscle fiber. J. Biophys. Biochem.
Cytol. 1961, 10, 177–185. [CrossRef]
2. Chang, N.C.; Rudnicki, M.A. Satellite cells: The architects of skeletal muscle. Curr. Top. Dev. Biol. 2014, 107,
161–181. [CrossRef]
3. Trepat, X.; Chen, Z.; Jacobson, K. Cell migration. Compr. Physiol. 2012, 2, 2369–2392. [CrossRef] [PubMed]
4. Ridley, A.J.; Schwartz, M.A.; Burridge, K.; Firtel, R.A.; Ginsberg, M.H.; Borisy, G.; Parsons, J.T.; Horwitz, A.R.
Cell migration: integrating signals from front to back. Sci. (New York N.Y.) 2003, 302, 1704–1709. [CrossRef]
[PubMed]
5. Krause, M.; Gautreau, A. Steering cell migration: Lamellipodium dynamics and the regulation of directional
persistence. Nat. Rev. Mol. Cell Biol. 2014, 15, 577–590. [CrossRef] [PubMed]
6. Vicente-Manzanares, M.; Webb, D.J.; Horwitz, A.R. Cell migration at a glance. J. Cell Sci. 2005, 118, 4917–4919.
[CrossRef]
7. Mardakheh, F.K.; Self, A.; Marshall, C.J. RHO binding to FAM65A regulates Golgi reorientation during cell
migration. J. Cell Sci. 2016, 129, 4466–4479. [CrossRef]
8. Iden, S.; Collard, J.G. Crosstalk between small GTPases and polarity proteins in cell polarization. Nat. Rev.
Mol. Cell Biol. 2008, 9, 846–859. [CrossRef]
9. Hall, A. Rho family GTPases. Biochem. Soc. Trans. 2012, 40, 1378–1382. [CrossRef]
Int. J. Mol. Sci. 2020, 21, 823 11 of 12
10. Hodge, R.G.; Ridley, A.J. Regulating Rho GTPases and their regulators. Nat. Rev. Mol. Cell Biol. 2016, 17,
496–510. [CrossRef]
11. Mertens, A.E.; Pegtel, D.M.; Collard, J.G. Tiam1 takes PARt in cell polarity. Trends Cell Biol. 2006, 16, 308–316.
[CrossRef]
12. Pegtel, D.M.; Ellenbroek, S.I.; Mertens, A.E.; van der Kammen, R.A.; de Rooij, J.; Collard, J.G. The Par-Tiam1
complex controls persistent migration by stabilizing microtubule-dependent front-rear polarity. Curr. Biol.
Cb, 2007; 17, 1632–1634. [CrossRef]
13. Wang, S.; Watanabe, T.; Matsuzawa, K.; Katsumi, A.; Kakeno, M.; Matsui, T.; Ye, F.; Sato, K.; Murase, K.;
Sugiyama, I.; et al. Tiam1 interaction with the PAR complex promotes talin-mediated Rac1 activation during
polarized cell migration. J. Cell Biol. 2012, 199, 331–345. [CrossRef] [PubMed]
14. Pasten, C.; Cerda, J.; Jausoro, I.; Court, F.A.; Caceres, A.; Marzolo, M.P. ApoER2 and Reelin are expressed
in regenerating peripheral nerve and regulate Schwann cell migration by activating the Rac1 GEF protein,
Tiam1. Mol. Cell. Neurosci. 2015, 69, 1–11. [CrossRef] [PubMed]
15. Cornelison, D.D.; Filla, M.S.; Stanley, H.M.; Rapraeger, A.C.; Olwin, B.B. Syndecan-3 and syndecan-4
specifically mark skeletal muscle satellite cells and are implicated in satellite cell maintenance and muscle
regeneration. Dev. Biol. 2001, 239, 79–94. [CrossRef]
16. Elfenbein, A.; Simons, M. Syndecan-4 signaling at a glance. J. Cell Sci. 2013, 126, 3799–3804. [CrossRef]
[PubMed]
17. Koo, B.K.; Jung, Y.S.; Shin, J.; Han, I.; Mortier, E.; Zimmermann, P.; Whiteford, J.R.; Couchman, J.R.; Oh, E.S.;
Lee, W. Structural basis of syndecan-4 phosphorylation as a molecular switch to regulate signaling. J. Mol.
Biol. 2006, 355, 651–663. [CrossRef] [PubMed]
18. Greene, D.K.; Tumova, S.; Couchman, J.R.; Woods, A. Syndecan-4 associates with alpha-actinin. J. Biol. Chem.
2003, 278, 7617–7623. [CrossRef] [PubMed]
19. Multhaupt, H.A.; Yoneda, A.; Whiteford, J.R.; Oh, E.S.; Lee, W.; Couchman, J.R. Syndecan signaling: when,
where and why? J. Physiol. Pharmacol. Off. J. Pol. Physiol. Soc. 2009, 60 Suppl 4, 31–38.
20. Gopal, S.; Sogaard, P.; Multhaupt, H.A.; Pataki, C.; Okina, E.; Xian, X.; Pedersen, M.E.; Stevens, T.;
Griesbeck, O.; Park, P.W.; et al. Transmembrane proteoglycans control stretch-activated channels to set
cytosolic calcium levels. J. Cell Biol. 2015, 210, 1199–1211. [CrossRef]
21. Bass, M.D.; Roach, K.A.; Morgan, M.R.; Mostafavi-Pour, Z.; Schoen, T.; Muramatsu, T.; Mayer, U.;
Ballestrem, C.; Spatz, J.P.; Humphries, M.J. Syndecan-4-dependent Rac1 regulation determines directional
migration in response to the extracellular matrix. J. Cell Biol. 2007, 177, 527–538. [CrossRef]
22. Keller-Pinter, A.; Ughy, B.; Domoki, M.; Pettko-Szandtner, A.; Letoha, T.; Tovari, J.; Timar, J.; Szilak, L.
The phosphomimetic mutation of syndecan-4 binds and inhibits Tiam1 modulating Rac1 activity in PDZ
interaction-dependent manner. PLoS ONE 2017, 12, e0187094. [CrossRef] [PubMed]
23. Cornelison, D.D.; Wilcox-Adelman, S.A.; Goetinck, P.F.; Rauvala, H.; Rapraeger, A.C.; Olwin, B.B. Essential
and separable roles for Syndecan-3 and Syndecan-4 in skeletal muscle development and regeneration. Genes
Dev. 2004, 18, 2231–2236. [CrossRef] [PubMed]
24. Keller-Pinter, A.; Szabo, K.; Kocsis, T.; Deak, F.; Ocsovszki, I.; Zvara, A.; Puskas, L.; Szilak, L.; Dux, L.
Syndecan-4 influences mammalian myoblast proliferation by modulating myostatin signalling and G1/S
transition. Febs Lett. 2018, 592, 3139–3151. [CrossRef] [PubMed]
25. Brooks, R.; Williamson, R.; Bass, M. Syndecan-4 independently regulates multiple small GTPases to promote
fibroblast migration during wound healing. Small Gtpases 2012, 3, 73–79. [CrossRef]
26. Saoncella, S.; Calautti, E.; Neveu, W.; Goetinck, P.F. Syndecan-4 regulates ATF-2 transcriptional activity in a
Rac1-dependent manner. J. Biol. Chem. 2004, 279, 47172–47176. [CrossRef] [PubMed]
27. Tkachenko, E.; Elfenbein, A.; Tirziu, D.; Simons, M. Syndecan-4 clustering induces cell migration in a
PDZ-dependent manner. Circ. Res. 2006, 98, 1398–1404. [CrossRef]
28. Matthews, H.K.; Marchant, L.; Carmona-Fontaine, C.; Kuriyama, S.; Larrain, J.; Holt, M.R.; Parsons, M.;
Mayor, R. Directional migration of neural crest cells in vivo is regulated by Syndecan-4/Rac1 and non-canonical
Wnt signaling/RhoA. Dev. (Camb. Engl.) 2008, 135, 1771–1780. [CrossRef] [PubMed]
29. Gao, Y.; Dickerson, J.B.; Guo, F.; Zheng, J.; Zheng, Y. Rational design and characterization of a Rac
GTPase-specific small molecule inhibitor. Proc. Natl. Acad. Sci. USA 2004, 101, 7618–7623. [CrossRef]
30. Boissier, P.; Huynh-Do, U. The guanine nucleotide exchange factor Tiam1: a Janus-faced molecule in cellular
signaling. Cell. Signal. 2014, 26, 483–491. [CrossRef]
Int. J. Mol. Sci. 2020, 21, 823 12 of 12
31. Carmona-Fontaine, C.; Matthews, H.; Mayor, R. Directional cell migration in vivo: Wnt at the crest. Cell
Adhes. Migr. 2008, 2, 240–242. [CrossRef]
32. Pankov, R.; Endo, Y.; Even-Ram, S.; Araki, M.; Clark, K.; Cukierman, E.; Matsumoto, K.; Yamada, K.M. A
Rac switch regulates random versus directionally persistent cell migration. J. Cell Biol. 2005, 170, 793–802.
[CrossRef] [PubMed]
33. Keller-Pinter, A.; Bottka, S.; Timar, J.; Kulka, J.; Katona, R.; Dux, L.; Deak, F.; Szilak, L. Syndecan-4 promotes
cytokinesis in a phosphorylation-dependent manner. Cell Mol. Life Sci. 2010, 67, 1881–1894. [CrossRef]
[PubMed]
34. Adams, H.C.; Chen, R.; Liu, Z.; Whitehead, I.P. Regulation of breast cancer cell motility by T-cell lymphoma
invasion and metastasis-inducing protein. Breast Cancer Res. Bcr 2010, 12, R69. [CrossRef] [PubMed]
35. Ding, J.; Yang, F.; Wu, W. Tiam1 high expression is associated with poor prognosis in solid cancers:
A meta-analysis. Medicine 2019, 98, e17529. [CrossRef] [PubMed]
36. Gorelik, R.; Gautreau, A. Quantitative and unbiased analysis of directional persistence in cell migration.
Nat. Protoc. 2014, 9, 1931–1943. [CrossRef]
© 2020 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).
 
II. 
fcell-08-575227 October 11, 2020 Time: 10:52 # 1
ORIGINAL RESEARCH







Purdue University, United States
Rosario Donato,




†These authors have contributed
equally to this work
Specialty section:
This article was submitted to
Cell Adhesion and Migration,
a section of the journal
Frontiers in Cell and Developmental
Biology
Received: 22 June 2020
Accepted: 17 August 2020
Published: 15 October 2020
Citation:
Becsky D, Szabo K,
Gyulai-Nagy S, Gajdos T, Bartos Z,
Balind A, Dux L, Horvath P, Erdelyi M,
Homolya L and Keller-Pinter A (2020)
Syndecan-4 Modulates Cell Polarity
and Migration by Influencing
Centrosome Positioning
and Intracellular Calcium Distribution.
Front. Cell Dev. Biol. 8:575227.
doi: 10.3389/fcell.2020.575227
Syndecan-4 Modulates Cell Polarity
and Migration by Influencing
Centrosome Positioning and
Intracellular Calcium Distribution
Daniel Becsky1†, Kitti Szabo1†, Szuzina Gyulai-Nagy1, Tamas Gajdos2, Zsuzsa Bartos3,
Arpad Balind4, Laszlo Dux1, Peter Horvath4, Miklos Erdelyi2, Laszlo Homolya3 and
Aniko Keller-Pinter1*
1 Department of Biochemistry, Faculty of Medicine, University of Szeged, Szeged, Hungary, 2 Department of Optics
and Quantum Electronics, Faculty of Science and Informatics, University of Szeged, Szeged, Hungary, 3 Institute
of Enzymology, Research Centre for Natural Sciences, Hungarian Academy of Sciences Center of Excellence, Budapest,
Hungary, 4 Institute of Biochemistry, Biological Research Centre, Hungarian Academy of Sciences, Szeged, Hungary
Efficient cell migration requires cellular polarization, which is characterized by the
formation of leading and trailing edges, appropriate positioning of the nucleus and
reorientation of the Golgi apparatus and centrosomes toward the leading edge.
Migration also requires the development of an asymmetrical front-to-rear calcium
(Ca2+) gradient to regulate focal adhesion assembly and actomyosin contractility.
Here we demonstrate that silencing of syndecan-4, a transmembrane heparan sulfate
proteoglycan, interferes with the correct polarization of migrating mammalian myoblasts
(i.e., activated satellite stem cells). In particular, syndecan-4 knockdown completely
abolished the intracellular Ca2+ gradient, abrogated centrosome reorientation and
thus decreased cell motility, demonstrating the role of syndecan-4 in cell polarity.
Additionally, syndecan-4 exhibited a polarized distribution during migration. Syndecan-4
knockdown cells exhibited decreases in the total movement distance during directional
migration, maximum and vectorial distances from the starting point, as well as average
and maximum cell speeds. Super-resolution direct stochastic optical reconstruction
microscopy images of syndecan-4 knockdown cells revealed nanoscale changes in
the actin cytoskeletal architecture, such as decreases in the numbers of branches and
individual branch lengths in the lamellipodia of the migrating cells. Given the crucial
importance of myoblast migration during embryonic development and postnatal muscle
regeneration, we conclude that our results could facilitate an understanding of these
processes and the general role of syndecan-4 during cell migration.
Keywords: syndecan-4, proteoglycan, cell polarity, super-resolution microscopy, actin, calcium, centrosome, cell
migration
INTRODUCTION
Cell migration is a fundamentally important factor in various physiological and pathological
processes, including morphogenesis, immune surveillance, tissue regeneration, and cancer cell
metastasis (Ridley et al., 2003). Cell motility and directed migration require the establishment of
cell polarization, defined as the formation of distinct front and rear cellular areas. This process is
characterized by the emergence of an actin-mediated lamellipodial membrane protrusion, which
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forms the leading edge, as well as the development of a
retracting tail. The leading edge protrusions depend on polarized
intracellular signaling processes. Polarization is also defined
by the positioning of the cell nucleus and reorientation of
the Golgi network and microtubule organizing center toward
the leading edge (Vicente-Manzanares et al., 2005; Zhang and
Wang, 2017). Cell motility is orchestrated by the formation of
integrin-dependent adhesions to the surrounding matrix and the
detachment of these adhesions from distinct regions at the rear
of the cell (Lauffenburger and Horwitz, 1996; Ridley et al., 2003).
These mechanisms direct the cell motility cycle and are required
for cell migration in response to various factors. However, the
mechanism by which this motility system integrates extracellular
signals with cell polarity and cytoskeletal remodeling to promote
directionally persistent migration remains unclear.
Calcium (Ca2+) has been identified as an essential factor in
cell migration. Ca2+ forms an increasing front–rear gradient
that is involved in the disassembly of focal adhesions and,
consequently, the rear-end retraction and the movement of the
cell. This essential front–rear polarity is maintained by restricting
the spontaneous formation of lamellipodia at the trailing edges
of migrating cells (Tsai et al., 2015; Kim et al., 2016). The
steering of membrane protrusions is directed by a localized Ca2+
influx created by stretch-activated Ca2+ channels in the front
of a migrating cell, whereas other types of Ca2+ influx have
been reported to mediate the detachment of rear protrusions
(Kim et al., 2016). However, previous reports describing the
coordination of cell migration by the Ca2+ gradient have
provided limited insights into cell motility and the formation of
these gradients.
Syndecans are a family of four transmembrane proteoglycans,
each of which comprises a variable N-terminal ectodomain,
a highly conserved short transmembrane and a C-terminal
cytoplasmic domains (Zimmermann and David, 1999). Three
syndecans are distributed in a tissue-specific manner (Xian et al.,
2010; Elfenbein and Simons, 2013): syndecan-1 is mainly present
in epithelial cells, syndecan-2 is expressed in mesenchymal
cell types and developing neural tissues, whereas syndecan-3
is present in neural tissues and the developing musculoskeletal
system. In contrast, syndecan-4 is expressed ubiquitously (Xian
et al., 2010). Usually, the ectodomains of syndecans contain
three heparan sulfate chains attached to a serine residue
via tetrasaccharide linkers (Carey, 1997), although syndecan-1
and syndecan-3 possess additional chondroitin sulfate chains.
The interactions of the ectodomain with extracellular matrix
molecules, fibronectin, matrix metalloproteinases, growth factors
and other cell surface receptors (e.g., integrins) activate
downstream signaling pathways. The cytoplasmic domain
comprises a variable region unique to each member of the
syndecan family, as well as two conserved regions that interact
with four-point-one, ezrin, radixin, and moesin (FERM) proteins;
Src kinase; and cortactin (Granes et al., 2003). In syndecan-4,
the variable region binds and activates the catalytic domain of
protein kinase C α (PKCα) (Koo et al., 2006), as well as directly
binds α-actinin in a beta-integrin-independent manner (Greene
et al., 2003). The ability of syndecan-4 to link the extracellular
matrix and cytoskeleton enables this proteoglycan to contribute
to several outside-in and inside-out signaling events, such as the
sequestration and concentration of matrix components, as well as
effects on cell–matrix adhesion, endocytosis, exosome biogenesis
or cytokinesis (Keller-Pinter et al., 2010; Elfenbein and Simons,
2013; Afratis et al., 2017). Syndecan-4 also regulates the activity of
the small GTPase Rac1 (Bass et al., 2007; Keller-Pinter et al., 2017)
and the level of intracellular Ca2+ (Liu et al., 2012; Gopal et al.,
2015), and contributes to the phosphorylation of focal adhesion
kinase (FAK) (Wilcox-Adelman et al., 2002).
Syndecans play an important role in tissue regeneration
(Chung et al., 2016). For example, the skeletal muscle is
renewed constantly in response to injury, exercise or muscle
diseases. During the repair process, activated stem (i.e., satellite)
cells form myoblasts that proliferate, migrate to the injured
site, differentiate and fuse into polynuclear myotubes (Schultz
and McCormick, 1994; Hawke and Garry, 2001). Syndecan-
4 is a cell surface marker of both quiescent and proliferating
satellite cells (Cornelison et al., 2001). Although syndecan-
4 knockout mice cannot regenerate damaged muscle tissue
(Cornelison et al., 2004), the details of the underlying mechanism
remain unknown. Previously, we reported that syndecan-4
affects myoblast proliferation by modulating myostatin signaling
and the G1/S transition in cell cycle (Keller-Pinter et al.,
2018), and directional persistence of random cell migration
is affected by syndecan-4-mediated Tiam-1 expression and
distribution (Becsky et al., 2020). In this study, we demonstrated
that syndecan-4 knockdown induced nanoscale alterations in
the lamellipodial actin fiber structure of migrating myoblasts.
Moreover, we found that syndecan-4 distributes asymmetrically
during cell migration and determines cellular polarity by
influencing the positioning of centrosomes and the development
of the front–rear Ca2+ gradient. Although several previous
reports have described a role for syndecan-4 in cell migration,
here we present a super-resolution structure of the actin
cytoskeleton. Moreover, this is the first report to describe the
role of syndecan-4 in the development of the Ca2+ gradient and
centrosome positioning in a migrating cell.
MATERIALS AND METHODS
Cell Culture and Plasmids
C2C12 mouse myoblast cells (ATCC; Manassas, VA,
United States) were cultured in high-glucose Dulbecco’s
modified Eagle’s medium containing 4.5 g/L glucose, 584 mg/L
glutamine and 110 mg/L pyruvate (Corning, NY, United States)
supplemented with 65 µg/mL gentamicin (Lonza, Basel,
Switzerland), and 20% fetal bovine serum (Gibco/Thermo
Fisher Scientific, Waltham, MA, United States). To achieve
syndecan-4 knockdown, C2C12 cells were transfected stably with
plasmids expressing short hairpin RNAs (shRNAs) specific for
mouse syndecan-4 (shSDC4#1 and shSDC4#2) or a scrambled
target sequence. The plasmids were obtained from OriGene
(TR513122; Rockville, MD, United States) and targeted the
following sequences: 5’-GAA CTG GAA GAG AAT GAG GTC
ATT CCT AA-3’ (shSDC4#1), 5’-GCG GCG TGG TAG GCA
TCC TCT TTG CCG TT-3’ (shSDC4#2) and 5’-GCA CTA
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CCA GAG CTA ACT CAG ATA GTA CT-3’ (scrambled).
X-tremeGENE transfection reagent (Roche, Basel, Switzerland)
was used for the transfection procedures. Transfected cells
were then selected in medium containing 4 µg/mL puromycin
(Sigma-Aldrich, St. Louis, MO, United States).
Time-Lapse Imaging of Live Cells
Cells were seeded into the reservoirs of 2-well cell culture silicon
inserts at a density of 3 × 104 cells/well (Ibidi, Martinsried,
Germany). The inserts were designed to ensure directional cell
migration, with a defined cell-free gap of 500 µm. Upon cellular
attachment, the medium was replaced with serum-reduced
medium for 24 h to suppress cell division. After nuclear staining
with Hoechst 33342 (0.5 µg/mL) for 1 h and washing with PBS,
the insert was removed and the migration of cells into the cell-free
zone was screened. Time-lapse images were captured in 20 min
intervals for 8 h at 37◦C and 5% CO2 using the PerkinElmer
Operetta (PerkinElmer, Inc., Waltham, MA, United States) high-
content imaging system with a 20 × objective (20 × long WD;
NA = 0.45, working distance: 7.8 mm; field of view: 675 × 509;
depth of focus: 4.6 µm; optical xy resolution: 0.7 µm).
Single-Cell Tracking of Cultured
Myoblasts
Time-lapse microscopy was used to quantify the migratory
parameters. Single cells were tracked manually from frame
to frame using the ImageJ (National Institutes of Health,
Bethesda, MD, United States)1 and CellTracker2 (Piccinini et al.,
2016) software programs. Nuclear tracking was used to follow
the migration of individual cells. Dying or damaged cells
were excluded from the analysis. The length of total path,
maximum distance from the origin, as well as the average and
maximum cell speeds were calculated. The vectorial distance of
migration (i.e., real shift of the cell) from the origin was also
quantified. Individual migratory tracks into the cell-free zone
were visualized.
Wound Scratch Assay
For the wound scratch assay, cells were grown in 6-well plates
until they reached confluence. After 24 h incubation in serum-
reduced medium, cell-free zones were created by scratching the
cell layer with a P200 pipette tip. Images of the cell-free zone
were captured immediately (0 h), 4 and 8 h after wounding, using
a Leica DMi1 phase-contrast microscope (Leica Microsystems,
Wetzlar, Germany). Between imaging periods, the cells were
incubated at 37◦C and 5% CO2. The area of the cell-free zone
was measured using Digimizer image analysis software (MedCalc
Software bvba, Ostend, Belgium). The closure of the cell-free area
was calculated as follows: (area of cell-free zone at t0h - area of
cell-free zone at txh)/area of cell-free zone at t0h.
Fluorescence Staining
For fluorescence cytochemistry, the cells subjected to wounding
were fixed at indicated time points, stained with fluorescence
1https://imagej.nih.gov/ij/
2http://celltracker.website/
markers, and studied to evaluate the migratory cells in the
scratched area. For centrosome staining, cells were fixed with
methanol 2, 4, and 6 h after scratching. After permeabilization
with 0.5% Tween-20 (Sigma-Aldrich), the samples were blocked
in 4% bovine serum albumin (BSA; Sigma-Aldrich), and stained
with a mouse monoclonal anti-γ-tubulin antibody (1:200; Sigma-
Aldrich) at 4◦C overnight, followed by incubation with an Alexa
Fluor 488-conjugated anti-mouse secondary antibody (Jackson
ImmunoResearch, Cambridgeshire, United Kingdom) a day later.
To visualize the actin filaments, cells subjected to the above-
described scratch assay were fixed with a methanol-free 4%
formaldehyde solution (Thermo Fischer Scientific) 2 h after
wounding. After permeabilization with 0.3% Triton X-100
(Sigma-Aldrich) and blocking in 4% BSA (Sigma-Aldrich), the
actin filaments were stained with Alexa Fluor 647-conjugated
phalloidin (A22287, Thermo Fisher Scientific).
For syndecan-4 immunostaining, myoblasts were fixed with
4% formaldehyde solution 2 h after wounding, permeabilized
with 0.3% Triton X-100, and blocked with 1% BSA. Rabbit
polyclonal anti-syndecan-4 primary antibody (immunogen:
synthetic peptide surrounding amino acid 184 of human
syndecan 4; PA1-32485; Invitrogen, Carlsbad, CA, United States)
was visualized with the appropriate Alexa Fluor 568-conjugated
(Invitrogen), or Alexa Fluor 488-conjugated secondary antibody
(Jackson ImmunoResearch, Cambridgeshire, United Kingdom)
secondary antibody. For double immunostaining experiments,
cells were fixed with 4% formaldehyde solution, permeabilized
with 0.1% Triton X-100 and blocked with 3% BSA. Focal
adhesions were marked with mouse monoclonal anti-FAK
primary antibody (sc-271126; Santa Cruz Biotechnology, Dallas,
TX, United States) and with Alexa Fluor 488-conjugated
secondary antibody (Jackson ImmunoResearch, Cambridgeshire,
United Kingdom). The cis-Golgi network was stained by mouse
monoclonal anti-GM130 antibody (610822; BD Biosciences, San
Jose, CA, United States), and followed by incubation with
CF568-conjugated secondary antibody (Biotinum, Fremont, CA,




The positions of centrosomes were analyzed to quantify cell
polarity, based on a previous characterization of centrosome
reorientation in response to a scratch (Etienne-Manneville and
Hall, 2001). Anti-γ-tubulin-stained samples were inspected and
imaged using a Nikon Eclipse Ti-E microscope frame (Nikon
Instruments Inc., Melville, NY, United States) with epifluorescent
illumination using 20 × objective (Nikon Plan fluor 20 × DIC
N2, NA = 0.50). The images were analyzed using ImageJ software.
Two hours after wounding, only the migrating cells next to
the scratched area were analyzed. For selected cells adjacent to
the cell-free zone, the direction of migration was designated as
perpendicular to the wound edge, the nucleus was set as the
origin, and a 30◦circular sector facing the direction of wound
closure was assigned. Centrosomes situated within this assigned
area were scored as correctly oriented. To monitor the time
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dependency of centrosome reorientation in different cell lines,
the position of centrosomes was analyzed 2, 4, and 6 h after
wounding in the 1st and 2nd row of myoblasts in the different
cell lines along the wound edge based on the method described by
Gotlieb et al. (1983). The position of centrosomes was considered
“toward” the wound edge (between the nucleus and the wound
edge), “middle” (along the side the nucleus), or “away” (between
the nucleus the monolayer behind the cells).
Super-Resolution dSTORM Imaging
Super-resolution direct stochastic optical reconstruction
microscopy (dSTORM) measurements were performed using
a custom-made inverted microscope based on a Nikon Eclipse
Ti-E frame. After conditioning (through spatial filtering via fiber
coupling and beam expansion), the applied laser beams were
focused into the back focal plane of the microscope objective
(Nikon CFI Apo 100 ×, NA = 1.49) to produce a collimated
beam on the sample. The angle of illumination was then set
through a tilting mirror mounted into a motorized gimbal
holder and placed into the conjugate plane of the sample. All
dSTORM images were captured under epi-illumination at
an excitation wavelength of 634 nm (Thorlabs HL63133DG:
637 nm, Pmax = 170 mW in a Thorlabs TCLDM9 TE-Cooled
mount set to 19◦C). The laser intensity was controlled via
a Thorlabs LDC500 laser driver and set to an output of 2–
4 kW/cm2 on the sample plane. An additional laser (Nichia:
405 nm, Pmax = 60 mW) was used for reactivation. Images
were captured using an Andor iXon3 897 BV EMCCD
digital camera (512 pixels × 512 pixels; pixel size: 16 µm).
The size of the illuminated sample region was matched to
the size of the detector, which determined the field of view
(80 × 80 µm2). Typically, the frame stacks for dSTORM
super-resolution images were captured at a reduced image
size (i.e., crop mode). A fluorescence filter set (Semrock,
LF405/488/561/635-A-000 dichroic mirror with a BLP01-
647R-25 emission filter) was used to select and separate the
excitation and emission lights in the microscope. During
measurements, the perfect focus system of the microscope
was used to maintain focus on the sample at a precision level
of < 30 nm. Immediately before measurement, the sample
storage buffer was replaced with a GLOX switching buffer
(van de Linde et al., 2011), and the sample was mounted on
a microscope slide. During a typical imaging session, 20,000
frames were captured at an exposure time of 20 or 30 ms. The
image stacks were analyzed using rainSTORM localization
software (Rees et al., 2013) and reconstructed using the built-in
Simple Histogram method with a super-pixel size of 13.33 nm.
The Thompson-precision (Thompson et al., 2002) and PSF
size acceptance ranges were set to 0–35 nm and 0.7–1.5
pixels, respectively.
Nanoscale Analysis of the Actin
Cytoskeletal Structure
After dSTORM imaging, phalloidin-stained samples were
subjected to a nanoscale analysis of the actin cytoskeleton.
The dSTORM images of lamellipodial actin structures were
processed using ImageJ software. The super-resolution images
were converted to grayscale, adjusted to a fixed threshold, and
noise filtered. The ImageJ Skeletonize function was used to
create binary skeletonized images. Then the Skeleton Analysis
plugin was used to calculate the number of branches belonging
to each skeleton in every image and to measure the length of
each individual branch. To describe the difference between the
cortical actin-rich region and the inner actin-depleted area of the
lamellipodial actin network, three areas (each 126× 124 px) were
randomly selected in the external region (with a width of 350 px
beneath the plasma membrane) and three in the inner, internal
region of the lamellipodia. Then the average number of branches
and average length of the individual branches were measured in
each of these selected rectangles and compared.
Evaluation of Syndecan-4
Immunostaining
Wide-field fluorescence images of syndecan-4 immunostained
samples were acquired by a Nikon Eclipse Ti-E microscope
(Nikon Instruments Inc.) with 40 × (Nikon CFI Plan Fluor
40 ×, NA = 0.75) and 100 × (Nikon CFI Plan Apo DM Lambda
100 × Oil, NA = 1.45) objectives, and pseudo-colored using
ImageJ. The contours of the individual cells were drawn, and
the average pixel intensity within the border of the cells were
quantified following background correction. The intensity value
of each pixel was measured within the selected area and the sum
of the intensities was divided by the area of the cell to obtain
the average syndecan-4 intensity value of the individual cells.
Furthermore, cells were partitioned into 4 quadrants considering
the nucleus as the origin, a 90◦circular sector facing the direction
of the wound closure was assigned, and the syndecan-4 signal
intensity within this area was quantified.
Assessment of Intracellular Ca2+
Distribution
As control, scrambled and two syndecan-4-targeted myoblast
cell lines were seeded onto glass 8-well chambered coverslips
(ibidi GmbH, Gräfelfing, Germany) at 1 × 104 cells/well density
and grown for 24 h in serum-reduced medium. The confluent
cultures were scratched as described above and further incubated
for 2 h. Subsequently, the cells were subjected to 2 µM Fluo-
4 AM and 3 µM Fura Red AM (Thermo Fisher Scientific)
in serum-free D-MEM containing 50 µM Verapamil (Sigma)
for 30 min at 37◦C and 5% CO2. Verapamil was included to
block the activity of multidrug transporters hindering effective
dye loading. After several thorough washing steps, the green
(493–572 nm) and far red (609–797 nm) fluorescence images
were simultaneously acquired at 488 and 458 nm excitations,
respectively, using a Zeiss 710 LSM laser scanning fluorescence
confocal microscope with a Plan-Apochromat 40 × (N.A. = 1.4)
oil immersion objective. The images were analyzed by ImageJ
1.49g software (National Institutes of Health, Bethesda, MD,
United States). Ratio images were generated using the Ratio
Plus Plug-in. For quantitative analysis, the Fluo-4 and Fura
Red fluorescence intensities were determined along the axis of
migrating cells starting from the leading edge. After background
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correction, ratios of green and red fluorescence were calculated.
The slope of the intracellular Ca2+ distribution was determined
by least squares method.
Statistical Analysis
Differences between groups were analyzed using a one-way
ANOVA, followed by the Scheffe post hoc test or Student’s t-test.
GraphPad Prism 7.0 (GraphPad Software Inc., San Diego, CA,
United States) was used for graphing and statistical analyses. The
data are expressed as means + standard errors of the means.




Initially, we evaluated the expression of syndecan-4 in C2C12
myoblasts transfected stably with plasmids expressing shRNA
specific for syndecan-4 (shSDC4#1 and SDC4#2 cell lines) using
Western blotting technique. A more significant reduction in
syndecan-4 expression was observed in shSDC4#1 cells vs.
shSDC4#2 cells, whereas the scrambled sequence had no effect
on syndecan-4 level (Supplementary Figure 1).
We then measured the effect of syndecan-4 knockdown
on directional migration in vitro into cell-free zones created
using cell culture inserts for an 8 h period (Supplementary
Movies 1–4). During this analysis, we observed significant
decreases in the length of total movement, the vectorial
distance, the maximum distance from the origin, as well as
the average and maximum cell speeds in both the shSDC4#1
and shSDC4#2 cell lines (Figure 1A), whereas no significant
difference was observed between the non-transfected and
scrambled cell lines (Figure 1A). Moreover, we observed a greater
reduction in migratory parameters in shSDC4#1 cells (Figure 1),
consistent with the previous observation of greater syndecan-4
suppression in this line. An evaluation of the migratory tracks
of individual cells depicts the positions of the x and y coordinates
corresponding to the paths taken by each cell during the indicated
time (as z; Figure 1B). The migratory tracks of highly motile
control cells crossed each other in the middle of the cell-free
zone (black area in the center of each image), whereas those
of syndecan-4 knockdown cells hardly moved from the original
x-y positions during the 8 h experimental period. We then
prepared histograms to depict the percentages of cells within
each velocity range (Figure 1C). Notably, the histograms of the
non-transfected and scrambled cells formed bell-shaped curves,
whereas those of both silenced cell lines exhibited a left-skewed
distribution suggesting the higher ratio of less motile cells.
Representative images in Figure 2A depict a scratch wound
in a confluent culture at 0, 4, and 8 h. Quantification of the
wound closures revealed a reduced closure of the cell-free zone
in both syndecan-4 knockdown lines (Figure 2B). No significant
difference was observed between non-transfected and scrambled
cells (Figure 2B).
Syndecan-4 Affects the Nanoscale
Architecture of the Actin Cytoskeleton,
as Determined by Super-Resolution
dSTORM
Cell motility is regulated by both extracellular factors and internal
signaling mechanisms, including actin cytoskeletal remodeling.
As syndecan-4 plays a crucial role in the organization of the
actin cytoskeleton (Baciu et al., 2000; Elfenbein and Simons,
2013; Cavalheiro et al., 2017), we evaluated actin filaments using
wide-field fluorescence microscopy (Figures 3A,B,D,E,G,H,J,K)
and single-molecule localization super-resolution dSTORM
imaging (lower magnification: Figures 3A,D,G,J; higher
magnification: Figures 3C,F,I,L). Notably, our super-resolution
dSTORM images reveal the sub-diffraction structure of the
actin cytoskeleton and enable a more sophisticated experimental
comparison of control and syndecan-4 knockdown samples.
The reduced fluorescence background and enhanced resolution
enabled visualization of the orientations and densities of
individual actin bundles.
Next, wound scratch assays were performed to study the
lamellipodial actin networks in migrating cells. To prove
the migratory phenotype of the cells next to the cell-
free zone, we stained the focal adhesions by anti-FAK
antibody in the different cell lines, and FAK-stained focal
adhesions were observed at the end of the stress fibers
(Supplementary Figure 2). Interestingly, both the size and
the number of focal adhesions decreased in syndecan-4
knockdown cells (Supplementary Figure 2). The cells next
to the scratched areas were analyzed after actin filament
labeling of the samples. For every sample, a panoramic map
of individual wide-field fluorescence images was generated to
cover the whole area of cell culture around the scratch wound
(Supplementary Figures 3–6), and the lamellipodia of the
migrating cells next to the wound were analyzed by dSTORM.
Representative areas of the panoramic maps are shown in
Figures 3A,D,G,J. Notably, syndecan-4 silencing altered the
organization of the actin cytoskeleton (Figure 3) by hindering
the development of actin structures (Figures 3G–L). The
non-transfected and scrambled cells exhibited well-developed
actin filaments (Figures 3A–F), whereas this filamentous actin
cytoskeletal structure was less pronounced, and the lamellipodial
actin network was less organized in syndecan-4 knockdown cells
(Figures 3G–L). Next, dSTORM images of the actin cytoskeleton
were converted to binary images (Figure 4A) and analyzed
further to quantify nanoscale changes in the actin network
(Figure 4B). An analysis of binary images of the lamellipodial
actin filaments (Figure 4A) revealed decreases in both the
number of branches and the lengths of individual branches
in the lamellipodial actin networks of syndecan-4 knockdown
cells (Figure 4C).
As the binary images suggested the presence of an actin-
depleted inner region some micrometers away from the
leading edge in syndecan-4 knockdown cell lines, next we
quantified the nanoscale changes of the cortical (external)
and the inner area of the lamellipodial actin network in
the cell lines (Figure 4D). Both the average number of
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FIGURE 1 | The role of syndecan-4 in the directional migration of myoblasts. (A) Migration of non-transfected, scrambled, and syndecan-4-silenced (shSDC4#1 and
shSDC4#2) C2C12 myoblasts to a cell-free zone was assessed after the removal of a cell culture insert. The total length of movement, maximum distance from the
starting point, vectorial distance (i.e., real displacement of the cells), and the average and maximum cell speeds during directional migration are presented. The total
duration of live cell microscopy was 8 h, at a frame rate of 3/1 h. Four independent experiments were conducted, with 60–87 cells/cell line and 5–6 fields of
view/experiment. Data are presented as means + standard errors of the means; *p < 0.05, **p < 0.01, ***p < 0.001, and ****p < 0.0001. (B) Representative
three-dimensional migration tracks. Different colors represent the total migrations of individual myoblasts; x and y axes: position of the cell (µm), z-axis: time (h).
(C) Histograms depict the distributions of cells from different lines according to cell speed (intervals of 0.05 µm/min). The frequencies of cells from each line with
average speeds within each interval were evaluated and are presented on the y-axis.
branches (in each skeleton) and the lengths of individual
branches decreased in the inner region as compared to the
external region of the lamellipodia in syndecan-4 knock-
down cells, indicating the inhomogeneous lamellipodial actin
structure in these cells (i.e., actin-rich external region and actin-
depleted inner area).
Syndecan-4 Affects Centrosome
Positioning and Cell Polarity
Appropriate polarization of the cell (Lauffenburger and Horwitz,
1996), adequate positioning of the cellular compartments (Petrie
et al., 2009), and dynamic reconstruction of the actin cytoskeleton
(Gardel et al., 2010; Parsons et al., 2010) are required for
efficient cell migration. As syndecan-4 silencing was shown to
reduce myoblast migration, we next studied the polarization of
syndecan-4 knockdown cells using centrosome localization, an
indicator of cell polarity in migrating cells (Etienne-Manneville
and Hall, 2001; Zhang and Wang, 2017). Specifically, the exact
positions of the centrosomes were observed on immunostained
samples obtained 2, 4, and 6 h after a wound scratch
assay (Figure 5A, Table 1, and Supplementary Figures 7–9).
Fluorescence images were captured after centrosome (anti-γ-
tubulin) staining and used to generate panoramic maps of the
entire scratched area (Supplementary Figures 7–9).
Two h after wounding, cells adjacent to the cell-free area
were investigated using the nuclei as the points of reference
(i.e., origins). The areas around the nuclei were divided into
30◦ sectors, and centrosomes located in the 30◦circular sector
facing toward the cell-free area were considered properly oriented
(Figure 5B). Figure 5C depicts the numbers of centrosomes
in the various sectors from experiments involving the different
cell lines. Notably, syndecan-4 knockdown was associated with
significantly fewer centrosomes in the 30◦circular sector facing
toward the cell-free zone, indicating an improper reorientation
of the centrosomes in these cells (Figures 5C,D). In contrast,
nearly all centrosomes of the scrambled and non-transfected
cells were localized to this 30◦circular sector facing toward
the cell-free area, indicating precise and proper regulation of
centrosome positioning in these controls (Figures 5C,D). There
was no significant difference between the non-transfected and
scrambled cells (Figure 5D). To analyze the time dependency
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FIGURE 2 | Syndecan-4 influences the closure of the cell-free zone. (A) Representative microscopy images taken 0, 4, and 8 h after the initiation of a wound scratch
assay. Dashed lines indicate the position of the cell-free zone at 0 h. Scale bar: 200 µm. (B) Quantification of the closure of the cell-free area in cultures of
non-transfected, scrambled, and syndecan-4-silenced (shSDC4#1 and shSDC4#2) cells; n = 4 independent experiments. Data are shown as means + standard
errors of the means; ****p < 0.0001.
of centrosome reorientation, the position of centrosomes was
studied 2, 4, and 6 h after wounding (Table 1). The number of
centrosomes facing the wound edge increased in all cell lines
during the 6 h period in both 1st and 2nd row. Analysis of
centrosome position along the wound edge revealed that in 83%
of the scrambled cells in the first row the centrosomes were
located toward the wound edge (between the nucleus and the
wound edge) 2 h after wounding and 94% of the cells 6 h
following wounding (Table 1). In contrast, only 25–27% of the
syndecan-4 silenced cells presented centrosomes with “toward”
position 6 h after wounding. In scrambled cells, only a few
number of cells exhibited “middle” (along the side the nucleus),
or “away” (between the nucleus the monolayer behind the cells)
localized centrosomes 6 h after scratching. Based on these results,
the reorientation of centrosomes during migration is delayed in
syndecan-4 knockdown cells.
Polarized Distribution of Syndecan-4
During Migration
The former experiments demonstrated that syndecan-4
influences cellular polarity indicated by the impaired centrosome
positioning and migration properties of myoblasts. Next we
examined the intracellular distribution of syndecan-4 in control
(scrambled) and syndecan-4 silenced cell lines in wide-field
fluorescence images. According to immunostaining experiments,
the amount of syndecan-4, considering all fluorescence signal
intensities, was significantly higher in control cells than in
syndecan-4 silenced cell lines (Figures 6A,B). Syndecan-4
accumulates in the quadrant of the migrating cells facing
the wounded area (Figure 6A) which points the direction of
migration (Figure 6C). Comparing the amount of syndecan-
4 accumulated in the quadrant facing the wounded area
(Figure 6C) to the total of syndecan-4 level of the cells did not
depict significant difference between the cell lines (Figure 6D).
Based on these results, the distribution of syndecan-4 does
not change as a result of silencing; only the total amount of
syndecan-4 is lower in knockdown cells.
Since the wide-field images showed cytoplasmic syndecan-4
staining, next we performed confocal imaging. The representative
confocal image (Figure 6E) depicts the weak cell membrane
localization of syndecan-4 in a migrating cell. Since earlier
we showed the co-localization of syndecan-4 with the anti-
GM130 Golgi marker and syndecan-4 is a member of focal
adhesions, next we tested the co-distribution of syndecan-4 with
FAK and GM130 (Figures 6F,G). The observed localization of
syndecan-4 in the focal adhesions and cis-Golgi (Figures 6F,G)
can explain the vacuolar and punctate signals of syndecan-4
staining. Moreover, earlier we have shown that the phospho-
(Ser179 in human, Ser183 in mouse) syndecan-4 accumulates
in the cytoplasm during cytokinesis (Keller-Pinter et al., 2010).
Therefore, we cannot exclude, that the syndecan-4 signal in
our migrating cells partially originates from the cytoplasmic
phosphorylated form.
Syndecan-4 Knockdown Abrogates the
Intracellular Ca2+ Gradient in Migrating
Cells
Normally, migrating cells exhibit a gradual increase in Ca2+
levels along the axis of migration. Accordingly, we next assessed
the distribution of intracellular Ca2+ in syndecan-4-silenced
C2C12 cells and compered to that seen in cells transfected with a
scrambled target sequence. The front–rear Ca2+ distribution was
studied in cells adjacent to the cell-free area in a scratch-wounded
confluent culture (Figure 7A). As expected, the intracellular
Ca2+ concentration increased from the leading edge to the rear in
control scrambled cells in (Figures 7B,C). In contrast, this Ca2+
gradient was completely abolished in syndecan-4-knockdown
cells (Figures 7B,C). Since it has been reported that Fura Red
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FIGURE 3 | Direct stochastic optical reconstruction microscopy (dSTORM) analysis of the actin cytoskeleton after syndecan-4 silencing. Representative wide-field
fluorescence and super-resolution dSTORM images depict the actin skeletons of the cells adjacent to the cell-free zone in cultures of non-transfected (A–C),
scrambled (D–F), shSDC4#1 (G–I), and shSDC4#2 (J–L) cell lines. Confluent monolayers were subjected to wound scratching. The cells were fixed 2 h later, and
the actin filaments were stained with Alexa Fluor 647-conjugated phalloidin (red). Wide-field fluorescence images were obtained around the cell-free zone (A,D,G,J,
higher magnification: B,E,H,K). Full panoramic maps of the scratched areas are shown in Supplementary Figures 3–6. The insets of the wide-field fluorescence
images depict dSTORM images of the lamellipodial regions of migrating cells adjacent to the cell-free zone (A,B,D,E,G,H,J,K). Representative dSTORM images of
lamellipodial actin structures are embedded in the original low-magnification images (A,D,G,J; bar: 1 µm) or are shown in separate higher magnification panels
(C,F,I,L). Nuclei are stained by Hoechst 33258 (blue).
tend to accumulate in the mitochondria (Thomas et al., 2000), we
explored whether the punctate structures can be observed in the
Ca2+ indicator-loaded cell are mitochondria. Either control or
syndecan-4-silenced cells exhibited distinct distribution for the
Ca2+ indicators and the mitochondrial dye MitoTracker Deep
Red (Supplementary Figure 10), demonstrating that neither
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FIGURE 4 | Skeletal analysis of dSTORM images of the lamellipodial actin network. The phalloidin-stained lamellipodial actin cytoskeletons of non-transfected,
scrambled, and syndecan-4-silenced (shSDC4#1 and shSDC4#2) cells were analyzed. Representative binary images converted from dSTORM images of the actin
cytoskeleton are shown (A). Within the actin network, branching points divide the skeletons into smaller branches (B). The number of branches in the skeletons and
the lengths of individual branches in the lamellipodial actin network in the whole binary images were quantified (C). To measure the differences between the external
and the internal region of the lamellipodial actin network, the average number and length of branches were compared in randomly selected areas (three areas in both
external and internal regions, each 126 × 124 pixels in size) of the binary images (D). Binary images of 5 cells/cell line were studied. Numbers of analyzed skeletons:
5,560–8,450/cell line; numbers of analyzed branches: 26,723–32,813/cell line. Number of analyzed skeletons in a single 126 × 124 pixels area: 2–69, number of
analyzed branches in a single 126 × 124 pixels area: 32–336. Data are shown as means + standard errors of the means; *p < 0.05, **p < 0.01, ***p < 0.001, and
****p < 0.0001.
Fluo-4 nor Fura Red accumulated in the mitochondria in our
experiments. To exclude the possibility that alteration in the
green and red fluorescence ratios is due to redistribution of
organelles, in which one Ca2+ indicator accumulated more
than the other, we performed an analysis, in which high
intensity pixels (2.5-fold over mean cellular fluorescence) were
omitted. Similar results were obtained this way to that shown
in Figure 7 and Supplementary Figure 10, demonstrating that
indeed the intracellular front-rear Ca2+ gradient was diminished
by syndecan-4-silencing. In summary, our findings demonstrate
the essential role of syndecan-4 in cell polarity.
DISCUSSION
Cell migration is an essential component of several physiological
and pathological processes, including tissue regeneration.
During regeneration of the skeletal muscle tissue, myoblasts (i.e.,
Frontiers in Cell and Developmental Biology | www.frontiersin.org 9 October 2020 | Volume 8 | Article 575227
fcell-08-575227 October 11, 2020 Time: 10:52 # 10
Becsky et al. Syndecan-4 Influences Cell Polarity
FIGURE 5 | Syndecan-4 affects centrosome positioning during migration. (A) Representative wide-field fluorescence images of the studied cell lines depict the
positions of centrosomes 2 h after scratching. Anti-γ-tubulin-labeled centrosomes and Hoechst 33258-stained nuclei are shown in green and blue, respectively.
Arrows indicate the centrosomes. (B) Schematic representation of a polarized migratory cell. To quantify the positions of centrosomes, the nucleus was set as the
origin, and centrosomes located in the 30◦circular sector facing toward the direction of wound closure were considered properly located. (C) Pie charts (i.e., polar
histograms) show the localization of centrosomes in different cell lines. The plane was partitioned into 30◦circular sectors with the nucleus as the origin. The radius of
each circular sector represents the number of cells with centrosomes located in that 30◦ sector. N = 3 independent experiments. Thirty cells were analyzed per cell
line. (D) Quantification of the results shown in (C). The graph presents the ratios of centrosomes in the 30◦ sector facing the cell-free area. Data are shown as
means + standard errors of the means; ***p < 0.001.
activated satellite cells, skeletal muscle stem cells) proliferate,
differentiate, migrate and fuse to form tubular, multi-nuclear
myotubes. Accordingly, during muscle development and
regeneration, myoblasts must be capable of migration to
promote the cell–cell interactions and myoblast fusion
required for muscle fiber formation. Syndecans, a family of
transmembrane proteoglycans, have been reported to play
crucial roles in tissue regeneration (Chung et al., 2016). We
demonstrated previously that syndecan-4 could influence
myoblast proliferation, as syndecan-4 silencing reduced cell
cycle progression from the G1 to the S phase and reduced
the formation of mature myostatin, a negative regulator
of muscle growth (Keller-Pinter et al., 2018). Syndecan-4
knockout mice also exhibited a decreased capacity for skin
wound repair and angiogenesis (Echtermeyer et al., 2001),
as well as inability to regenerate skeletal muscle following
cardiotoxin-induced muscle necrosis (Cornelison et al., 2004).
In summary, syndecan-4 appears to play an essential role in
skeletal muscle development and regeneration, although the
exact mechanism underlying this phenomenon remains unclear
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TABLE 1 | Comparison of the effect of syndecan-4 silencing on centrosome reorientation in the 1st and 2nd row of myoblasts along the wound edge.
Time after scratch
2 h 4 h 6 h
Non-
transfected
Scrambled shSDC4#1 shSDC4#2 Non-
transfected




1st 80 ± 4.0 83 ± 1.0 8 ± 1.0 7 ± 1.5 86 ± 2.5 88 ± 1.0 15 ± 1.0 14 ± 2.0 94 ± 4.0 92 ± 3.0 27 ± 3.5 25 ± 3.5
2nd 84 ± 1.5 87 ± 2.5 6 ± 1.5 4 ± 0.5 84 ± 0.5 89 ± 5.0 12 ± 1.0 16 ± 2.0 97 ± 2.0 98 ± 1.5 35 ± 2.5 27 ± 2.5
Middle
1st 8 ± 1.0 8 ± 1.5 22 ± 2.0 20 ± 3.0 2 ± 4.5 4 ± 2.0 17 ± 2.5 19 ± 3.0 2 ± 2.0 5 ± 1.5 16 ± 1.5 23 ± 1.0
2nd 6 ± 0.5 7 ± 1.0 18 ± 3.0 15 ± 5.5 7 ± 6.5 5 ± 8.0 21 ± 1.0 14 ± 3.0 2 ± 2.5 1 ± 0.5 17 ± 2.5 12 ± 1.5
Away
1st 12 ± 3.0 9 ± 2.5 70 ± 3.0 73 ± 4.5 12 ± 2.0 8 ± 1.0 71 ± 1.5 67 ± 1.0 4 ± 2.0 3 ± 1.5 57 ± 2.0 52 ± 2.5
2nd 10 ± 1.0 6 ± 1.5 76 ± 1.5 81 ± 5.0 9 ± 6.0 11 ± 3.0 67 ± 2.0 70 ± 1.0 1 ± 0.5 1 ± 1.0 52 ± 5.0 61 ± 1.0
Four independent experiments, n = 100–100 cells/cell lines in each row.
(Cornelison et al., 2004). Moreover, little is known about the
specific role of syndecan-4 in mammalian myoblast migration.
Syndecan-4 was shown previously to affect migration in
various cell types, including fibroblasts (Bass et al., 2007),
endothelial cells (Chaudhuri et al., 2005), and hepatic stellate
cells (Yin et al., 2017). This proteoglycan may also contribute
to disease development by influencing the migration of tumor
cells, such as lung adenocarcinoma (Toba-Ichihashi et al.,
2016) and hepatoma (Charni et al., 2009); dendritic cells in
the context of allergic rhinitis (Polte et al., 2015) and B-cells
in the context of arthritis (Endo et al., 2015). A role for
syndecan-4 has also been implicated in trophoblast migration
and, consequently, the pathogenesis of preeclampsia (Jeyarajah
et al., 2019). Importantly, Shin et al. (2013) reported that
syndecan-4 overexpression increased the migration of turkey
satellite cells and increased the activation of RhoA GTPase, and
these motile phenomena required the cytoplasmic domain of
syndecan-4. Other studies observed reduced motility following
syndecan-4 knockdown in different cell types, consistent with our
current observations, whereas high syndecan-4 level promoted
migration (Toba-Ichihashi et al., 2016; Yin et al., 2017; Jeyarajah
et al., 2019). Previous analyses of C2C12 mouse myoblast cells
revealed that syndecan-4 was the most prominent heparan sulfate
proteoglycan in these cells when compared with syndecan-
1, syndecan-2, syndecan-3, glypican, or perlecan (Keller-Pinter
et al., 2018), thus suggesting an important role for syndecan-4 in
this cell type. However, the observed upregulation of syndecan-1,
syndecan-2, and syndecan-3 mRNAs after syndecan-4 silencing
(Keller-Pinter et al., 2018) suggests that other members of
the syndecan family may compensate at least partially for the
loss of syndecan-4. Given the importance of syndecan-4 in
cell migration and cytoskeletal organization, we hypothesized
that this proteoglycan would affect cellular polarity, centrosome
positioning, and intracellular Ca2+ distribution during cell
migration. We recently reported that syndecan-4 affects random
migration and the directional persistence of migration in C2C12
cells during 18 h movement (Becsky et al., 2020). Here we
show the effect of syndecan-4 silencing on Ca2+ distribution,
centrosome positioning, and actin nanostructure after 8 h
directional migration following wound scratching. Interestingly,
the average speed values of the migrating C2C12 cells were
similar in the case of both random (Becsky et al., 2020) and
directional migration.
Cell polarization and the associated rearrangement of the actin
cytoskeleton and cell–matrix relationships are key factors in cell
migration. In addition to the integrins, syndecan-4 plays a pivotal
role in the formation of focal adhesions. Specifically, syndecan-
4 directly binds fibronectin to promote cell adhesions, thereby
affecting cell migration, whereas the syndecan-4/PKCα/RhoA
signaling axis promotes focal adhesion formation (Matthews
et al., 2008; Yin et al., 2017). Furthermore, the downregulation
of syndecan-4 was shown to suppress integrin-mediated cell
adhesion by inhibiting FAK phosphorylation (Qin et al., 2017).
Moreover, the cytoplasmic domain of syndecan-4 interacts
directly with α-actinin (Greene et al., 2003), leading to
associations with other adhesion molecules, such as vinculin and
zyxin (Cavalheiro et al., 2017), as well as the actin cytoskeleton
(Choi et al., 2008). In a recent study on endothelial cells,
syndecan-4 knockdown was shown to induce the decoupling
of vinculin from F-actin filaments (Cavalheiro et al., 2017).
Interestingly, the interaction of PKCα and α-actinin with
syndecan-4 was shown to be reciprocal (Chaudhuri et al., 2005).
Moreover, syndecan-4 has been identified as a binding partner of
dynamin II GTPase via its PH domain, and the resultant complex
is a key regulator of focal adhesion and stress fiber formation
in migrating cells (Yoo et al., 2005). Therefore, syndecan-4
serves as a central mediator in focal adhesion formation by
bridging the interactions between integrins, fibronectin and
intracellular molecules. Here we showed, that both the number
and size of FAK stained focal adhesions were decreased in
syndecan-4 knockdown cells during migration. Consequently,
the loss of syndecan-4 would affect cell motility via multiple
mechanisms, including the observed changes in the lamellipodial
actin cytoskeletal structure.
As noted above, intracellular Ca2+ plays a crucial role
in cell migration. Both Ca2+ influx from the extracellular
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FIGURE 6 | Asymmetric distribution of syndecan-4 in migrating myoblasts. (A) Representative images show syndecan-4 distribution following staining with Alexa
Fluor 568 fluorophore (orange). Nuclei are stained by Hoechst 33258 (blue). Representative pseudo-color images (2D and 3D) depict syndecan-4 signal intensity as
indicated by the calibration bar. (B) The mean intensity values of the cells were quantified. (C) Cells were partitioned into 4 quadrants considering the nucleus as the
origin; and a 90◦circular sector facing the direction of the wound closure was assigned and the syndecan-4 signal intensity within this area was quantified. (D) The
ratio of signal intensity of the quadrant pointing into the direction of migration (see schematic figure, C), and the total syndecan-4 intensity of the cell was calculated
(Continued)
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FIGURE 6 | Continued
and compared in the different cell lines. Data are reported as means + standard errors of the means, n = 30 cells/cell line were analyzed; ns: not significant;
****p < 0.0001. (E) Representative confocal image depicts the cell membrane localization (arrows) of syndecan-4 in a migrating scrambled cell. (F) Representative
wide-field fluorescence image of syndecan-4 and FAK staining in a migrating scrambled cell. (G) Representative wide-field fluorescence and confocal image of
GM130 (cis-Golgi marker) and syndecan-4 double staining in migrating scrambled cells.
FIGURE 7 | Effect of syndecan-4 silencing on the distribution of intracellular Ca2+ in migrating myoblasts. (A) The ratio of Fluo-4 and Fura Red fluorescence, an
indicator of the intracellular Ca2+ level, is shown in the representative pseudo-color images of scrambled, shSDC4#1, and shSDC4#2 cells. (B) The ratio of Fluo-4
and Fura Red fluorescence was determined along the migration axis from the leading edge to the rear of cells following scratch wounding. The mean fluorescence
ratios are presented as a function of the distance from the leading edge. (C) The slopes of Fluo-4/Fura Red ratios along the migration axis in scrambled and
syndecan-4 knockdown cells. Migrating cells next to the cell-free zones (n = 8–12) revealed that syndecan-4 knockdown completely abolished Ca2+ gradient
development in migrating cells. Data are shown as the means + standard errors of the means; ****p < 0.0001.
space via different plasma membrane Ca2+ channels and Ca2+
release from intracellular stores (primarily the endoplasmic
reticulum) contribute to the cytosolic Ca2+ concentration. In
addition to contractility, changes in the intracellular Ca2+
affect the activities of calmodulin-dependent enzymes and actin-
crosslinking proteins, thus playing a key role in the assembly
of adhesions and junctions. Migrating cells establish a front-
to-rear Ca2+ gradient, which increases toward the rear of the
cell. Importantly, our findings suggest that syndecan-4 influences
the development of this Ca2+ gradient, as demonstrated by
its absence in syndecan-4 knockdown cells in association with
decreased migration.
Syndecan-4 was shown earlier to influence Ca2+
concentrations in different cell types. In podocytes, syndecan-4
knockdown reduced the cell surface expression of the transient
receptor potential cation channel subfamily C member (TRPC) 6
channel and consequently reduced the Ca2+ concentration (Liu
et al., 2012). In contrast, another study of fibroblasts reported
that the TRPC7 Ca2+ channel was more likely to be open in
the absence of syndecan-4, resulting in an increased Ca2+
concentration (Gopal et al., 2015). However, a direct interaction
has not been reported between syndecan-4 and TRPC7 (Afratis
et al., 2017). Furthermore, the single knockdown of syndecan-4
in HaCaT keratinocytes did not affect the Ca2+ concentration,
whereas the simultaneous silencing of both syndecan-1 and
syndecan-4 decreased the cytosolic Ca2+ concentration in a
TRPC4 channel-dependent manner (Gopal et al., 2015).
The development of Ca2+ gradient and the phosphorylation
of FAK (Tyr397) are important for focal adhesion assembly
and disassembly. Signaling via syndecan-4 is required for
focal adhesion formation (Woods and Couchman, 2001), and
syndecan-4 favors FAK phosphorylation (Wilcox-Adelman et al.,
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FIGURE 8 | Schematic representation of the effect of syndecan-4 knockdown on cell polarity and migration. The intracellular distribution of Ca2+ and syndecan-4 in
non-transfected control (A) and syndecan-4 knockdown (B) myoblasts. In migrating cells, the formation of protruding leading edges are driven by
Rac1/CDC42-GTPases favoring the generation of focal contacts, while the retraction and detachment occur at rear edges driven by RhoA-GTP. Syndecan-4
distributes asymmetrically in migrating cells; and syndecan-4 knockdown resulted in the improper positioning of centrosomes, the absence of a front–rear Ca2+
gradient and disturbances in the nanoscale structures of the actin fibers. These abnormalities led to decreases in cell polarity and migration. The figure was created
with BioRender.com.
2002). The accumulation of phospho-FAK on the frontal side has
been investigated and demonstrated in previous studies (Swaney
et al., 2006; Carey et al., 2016; Gonzalez Malagon et al., 2018).
The polarized distribution of syndecan-4 can affect both Ca2+
gradient and local phospho-FAK level. Furthermore, low amount
of syndecan-4 in the rear of the migrating cells can contribute to
focal adhesion disassembly.
As noted above, the localization of the centrosome is an
indicator of polarization in a migrating cell (Etienne-Manneville
and Hall, 2001; Zhang and Wang, 2017). To our knowledge,
our study is the first to evaluate the effects of syndecan-
4 on centrosome positioning, the Ca2+ gradient, and the
consequent effects on cell polarity. In our previous report
of the role of syndecan-4 in cytokinesis, we demonstrated
the polarized distribution of the phospho-Ser179 syndecan-
4, which accumulated in the intercellular bridges during
cytokinesis (Keller-Pinter et al., 2010). The role for syndecan-
4 in regulating the activity of RhoA and Rac1 had previously
described (Bass et al., 2007; Keller-Pinter et al., 2017), which
are crucial regulators of cell polarity. Here we demonstrated
that syndecan-4 knockdown led to centrosome disorientation,
which indicated improper cell polarization. Further studies are
needed to determine the signaling processes leading to syndecan-
4-dependent centrosome orientation. As the orientation of
the centrosome-nucleus axis depends on a balance of actin-
and microtubule-mediated forces (Elric and Etienne-Manneville,
2014), structural changes in the actin cytoskeleton may contribute
to the observed mislocalization of centrosomes. Furthermore,
changes in the quantity and, presumably, the localization of
Rac1 GTPase in syndecan-4-knockdown cells may also affect
centrosome positioning and polarity. The latter postulation is
supported by an earlier observation that Rac1 activity and
membrane protrusions are localized to the leading edges of
migrating syndecan-4-sufficient cells, resulting in persistent
migration, whereas syndecan-4-null cells migrate randomly
(Bass et al., 2007).
The front-to-rear cell polarity required for migration depends
on the activities of various members of the small GTPase Rho
family. The rear of a migrating cell is defined by high levels
of RhoA activity and subsequent actomyosin contractility, in
addition to an increased Ca2+ concentration and the activation
of Ca2+-dependent proteases required to cleave focal adhesion
proteins. Interestingly, Tsai and colleagues suggested the presence
of crosstalk between Ca2+ signaling and Rho GTPases that would
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coordinate the oscillations of these factors in the leading edges
of migrating cells (Tsai et al., 2015). As noted, phospho-Ser179
syndecan-4 regulates both Rac1 GTPase activity (Keller-Pinter
et al., 2017) and intracellular Ca2+ level (Gopal et al., 2015). It
would be interesting to determine whether these processes are
coordinated simultaneously by syndecan-4 during cell migration.
CONCLUSION
In conclusion, we have identified new effects of syndecan-
4 in the regulation of cell migration. Specifically, syndecan-4
silencing greatly reduces the migratory abilities of myoblasts.
Presumably, this effect is due to a disturbance in cell polarization,
which can be inferred from the shift in centrosome positioning
relative to the nucleus and the absence of the intracellular Ca2+
gradient (Figure 8). The reduced migration capability might
also be attributed to changes in the nanoscale structure of the
lamellipodial actin cytoskeleton and reductions in cell–matrix
adhesions. Our findings therefore elucidate the multiple roles of
syndecan-4 in myoblast cell migration, although these findings
are likely applicable to other cell types, given the ubiquitous
expression of syndecan-4. This increase in general knowledge
about cell migration will likely facilitate the development of
strategies for the further exploration of a wide range of
physiological and pathological migratory processes.
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SUPPLEMENTARY METHODS 
Western blotting 
Non-transfected, scrambled, and SDC4 knockdown (shSDC4#1 and shSDC4#2) cells were 
harvested in RIPA buffer (20 mM Tris-HCl pH 7.5, 150 mM NaCl, 1 mM Na2EDTA, 1 mM 
EGTA, 1% NP-40, 1% sodium deoxycholate, 2.5 mM sodium pyrophosphate, 1 mM 
glycerophosphate, 1 mM Na3VO4, 1 µg x ml leupeptin; Cell Signaling Technology, Danvers, 
MA, USA; #9806) supplemented with 1 mM Na-fluoride, and protease inhibitor cocktail 
(Sigma-Aldrich). The samples were spun down at 18,927 x g for 5 min at 4 °C to eliminate 
cellular debris, and the supernatants were separated by SDS/PAGE and blotted to nitrocellulose 
membrane. After blocking, membranes were incubated with primary antibodies including 
rabbit anti-SDC4 (PA1-32485; Pierce Protein Biology - Thermo Fisher Scientific, Waltham, 
Massachusetts, USA) and mouse anti-GAPDH (Cell Signaling Technology, #2118, Danvers, 
Massachusetts, US). Following incubation with the appropriate horse-radish peroxidase-
conjugated anti-IgG secondary antibodies (DAKO, Glostrup, Denmark), peroxidase activity 
was visualized by enhanced chemi9luminescent method (Advansta, Menlo Park, CA, USA). 
Quantification of signal intensity was performed by QUANTITY ONE software (Bio-Rad, 
Hercules, CA, USA). 
 
Immunostaining and quantification of focal adhesions 
For the staining of focal adhesions, cells were fixed with 4% formaldehyde solution 2 and 4 h 
after scratching. After permeabilization with 0.3% Triton-X-100 (Sigma-Aldrich) and blocking 
in 3% BSA (Sigma-Aldrich), focal adhesions were stained with anti-FAK primary antibody (sc-
271126; Santa Cruz Biotechnology, Dallas, TX, USA) and with an appropriate Alexa Fluor 
488-conjugated secondary antibody (715-585-151; Jackson ImmunoResearch, Cambridgeshire, 
UK). Wide-field fluorescence images of FAK immunostained samples were acquired by a 
Nikon Eclipse Ti-E microscope (Nikon Instruments Inc.) with a 100× (Nikon CFI Plan Apo 
DM Lambda 100× Oil, NA = 1.45) objective, and processed using ImageJ software. The images 
were converted into binary images, particles in the range of 0 to 100 m2 were selected. The 
masks of these selected particles were constructed and the area of each particle was measured.  
 
Assessment of mitochondrial accumulation of Ca2+ indicators 
To explore the accumulation of Ca2+ indicators in the mitochondria, the cells were loaded by 
Ca2+ indicators as described in Materials and Methods, but in addition to the Ca2+ indicators, 
100 nM MitoTracker Deep Red (Thermo Fisher Scientific) was included in the loading mixture. 




SUPPLEMENTARY FIGURE LEGENDS 
Supplementary Figure 1. Effect of syndecan-4 silencing on C2C12 myoblasts. (A) 
Representative Western blot analysis depicts the level of syndecan-4 in cells stably expressing 
shRNA against syndecan-4 (shSDC4#1, shSDC4#2), or scrambled shRNA. GAPDH served as 
a loading control. (B) Quantification of syndecan-4 expression in the different cell lines. n = 6 
independent experiments, means + standard errors of the means; **: p<0.01; *: p<0.05. 
 
Supplementary Figure 2. Distribution of focal adhesions in control and syndecan-4-
silenced myoblasts. (A) Representative 100× wide-field fluorescence images depict the actin 
cytoskeleton (Alexa Fluor 647-conjugated phalloidin: red) and focal adhesion distribution (anti-
FAK antibody: green) of the migrating cells in different cell lines 2 h after wounding. Nuclei 
are stained by Hoechst 33258 (blue). To quantify focal adhesions, the focal adhesions were 
assigned in FAK stained fluorescence images. The area and the number of the focal adhesions 
were quantified 2 and 4 h after wounding the monolayer (B, C). Data are reported as 
means + standard errors of the means, n= 10 cells/cell line, 4 independent experiments were 
analyzed; *: p < 0.05; **: p < 0.01. 
 
Supplementary Figure 3. Actin cytoskeletal structure of non-transfected C2C12 
myoblasts around the cell-free zone. A representative wide-field fluorescence microscopy 
image depicts the actin skeletons of non-transfected C2C12 myoblasts around the cell-free 
zone. The inserts depict the lamellipodial actin structures in the migrating cells, which were 
imaged using dSTORM. The cells were fixed 2 h after confluent cultures were scratched, and 
the actin filaments were stained with Alexa Fluor 647-conjugated phalloidin (red). Nuclei are 
shown in blue (Hoechst 33258). 
 
Supplementary Figure 4. Actin cytoskeletal structure of scrambled myoblasts around the 
cell-free zone. A representative wide-field fluorescence microscopy image depicts the actin 
skeletons of scrambled myoblasts around the cell-free zone. The inserts depict the lamellipodial 
actin structures in the migrating cells, which were imaged using dSTORM. The cells were fixed 
2 h after confluent cultures were scratched, and the actin filaments were stained with Alexa 
Fluor 647-conjugated phalloidin (red). Nuclei are shown in blue (Hoechst 33258). 
 
Supplementary Figure 5. Actin cytoskeletal structure of shSDC4#1 myoblasts around the 
cell-free zone. A representative wide-field fluorescence microscopy image depicts the actin 
skeletons of shSDC4#1 (i.e., syndecan-4 knockdown) myoblasts around the cell-free zone. The 
inserts depict the lamellipodial actin structures in the migrating cells, which were imaged using 
dSTORM. The cells were fixed 2 h after confluent cultures were scratched, and the actin 
filaments were stained with Alexa Fluor 647-conjugated phalloidin (red). Nuclei are shown in 
blue (Hoechst 33258). 
 
Supplementary Figure 6. Actin cytoskeletal structure of shSDC4#2 myoblasts around the 
cell-free zone. A representative wide-field fluorescence microscopy image depicts the actin 
skeletons of shSDC4#2 (i.e., syndecan-4 knockdown) myoblasts around the cell-free zone. The 
inserts depict the lamellipodial actin structures in the migrating cells, which were imaged using 
dSTORM. The cells were fixed 2 h after confluent cultures were scratched, and the actin 
filaments were stained with Alexa Fluor 647-conjugated phalloidin (red). Nuclei are shown in 
blue (Hoechst 33258). 
 
Supplementary Figure 7. Localization of centrosomes around the cell-free zone in the 
different cell lines 2 h after wounding. Representative wide-field fluorescence microscopy 
images depict the wounded areas in confluent cultures of non-transfected, scrambled and 
shSDC4#1 and shSDC4#2 (i.e. syndecan-4 knockdown) cell lines. The cells were fixed 2 h after 
the confluent cultures were scratched, and the centrosomes were stained with anti -tubulin 
(green). Nuclei are shown in blue (Hoechst 33258). Individual wide-field fluorescence images 
were obtained and used to generate panoramic maps for a further analysis of centrosome 
localization. 
 
Supplementary Figure 8. Localization of centrosomes around the cell-free zone in the 
different cell lines 4 h after wounding. Representative wide-field fluorescence microscopy 
images depict the wounded areas in confluent cultures of non-transfected, scrambled and 
shSDC4#1 and shSDC4#2 (i.e. syndecan-4 knockdown) cell lines. The cells were fixed 4 h after 
the confluent cultures were scratched, and the centrosomes were stained with anti -tubulin 
(green). Nuclei are shown in blue (Hoechst 33258). Individual wide-field fluorescence images 
were obtained and used to generate panoramic maps for a further analysis of centrosome 
localization. 
 
Supplementary Figure 9. Localization of centrosomes around the cell-free zone in the 
different cell lines 6 h after wounding. Representative wide-field fluorescence microscopy 
images depict the wounded areas in confluent cultures of non-transfected, scrambled and 
shSDC4#1 and shSDC4#2 (i.e. syndecan-4 knockdown) cell lines. The cells were fixed 6 h after 
the confluent cultures were scratched, and the centrosomes were stained with anti -tubulin 
(green). Nuclei are shown in blue (Hoechst 33258). Individual wide-field fluorescence images 
were obtained and used to generate panoramic maps for a further analysis of centrosome 
localization. 
 
Supplementary Figure 10. Ca2+ indicators did not accumulate in the mitochondria. To 
explore the accumulation of Ca2+ indicators in the mitochondria, cells were loaded by Fura Red 
and Fluo-4 Ca2+ indicators and MitoTracker Deep Red to visualize mitochondria. (A) 
Representative confocal images depict the intracellular localization of Fura Red (red) and Fluo-
4 (green), and MitoTracker Deep Red (blue) in scrambled, shSDC4#1, and shSDC4#2 cell lines. 
(B) Representative diagrams show the signal intensity of the different dyes along the migration 
axis in scrambled and syndecan-4 knockdown cells. 
 










